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Abstract 

There has been an increase in the prevalence and intensity of Phormidium autumnale-dominated 

benthic blooms in New Zealand over the last decade. This species produces the potent neurotoxins 

Anatoxin-a, Homoanatoxin-a and their derivatives, and consumption of P. autumnale biofilms has 

led to over 70 dog deaths since 2005. The mechanisms regulating the dominance and toxicity of 

P. autumnale are still unclear, as these blooms can reach high biomass in low nutrient conditions. 

Benthic biofilms are composed of multiple taxa and usually harbor a complex community of 

bacteria and other microbes, which can change over time and interact to facilitate biofilm 

development and metabolic processing. Prior to this thesis, the microbial composition of P. 

autumnale-dominated biofilms was unknown.  This study provides insights into the relationships 

of this neurotoxic cyanobacterium with microbial components of the biofilm community.  

Benthic biofilms were sampled every two to four days for 32 days from three sites in the Hutt 

River (Wellington) following a high flow event. A combination of microscopy and molecular 

techniques (bacterial ARISA and Illumina™ sequencing) were used to identify the micro-algal 

and bacterial components of the biofilm throughout its development. Variation in total anatoxin 

production was measured using LC-MS and changes in toxic P. autumnale cell numbers were 

quantified using QPCR. A suite of environmental variables (point velocity, depth, flow, 

conductivity, temperature and nutrients) were also monitored throughout the study period. 

Three distinct phases of microbial succession were identified (early, mid and late) using non-

metric multidimensional cluster analyses. The micro-algal community composition (including P. 

autumnale) shifted from early to mid-phase ca. 16 days after the flushing flow and from mid to 

late phase at ca. day 30. The ARISA and Illumina™ sequencing showed the bacterial community 
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shifts occurred ca. 4 and 9 days before the respective micro-algal community shifts. These analyses 

indicate a close coupling of the micro-algal and bacterial communities and may suggest bacterial 

driven succession. However, bacteria are likely to depend on micro-algal by-products for nutrition 

from the mid-phases onward and assessment of the metabolic processes occurring within the 

biofilms is needed to clarify this.  

Phormidium autumnale was dominant in the biofilm from an early stage in development and grew 

exponentially despite an influx of diatoms at day 20. None of the environmental parameters 

measured could explain the temporal variation in micro-algal and bacterial communities, which 

suggested that intrinsic rather than extrinsic factors were more important in regulating succession. 

This further supports the hypothesis that biofilm microbes may facilitate P. autumnale dominance. 

There was a significant variation in anatoxins per cell over time (p = 0.034). Production of 

anatoxins was greatest in the mid-phase of succession (208 fg cell-1), coinciding with an increase 

in diatom biomass, which could implicate anatoxins as allelopathic chemicals that alleviate the 

effects of competition on P. autumnale. Changes in proportions of the different anatoxin variants 

produced over time also aligned with the three successional phases in both the micro-algal and 

bacterial communities, providing further evidence of a relationship between anatoxin production 

and microbial biofilm components. 

Bacterial taxa of the Alphaproteobacteria were dominant within the early bacterial community, but 

were surpassed by the Betaproteobacteria and Flavobacteria in mid and late phases. Bacterial 

genera involved in exopolysaccharide production, alkaline phosphatase activity and biopolymer 

degradation were identified. These attributes are important in the formation, maintenance and 

break-down of biofilms and therefore strengthen the likelihood of linkages between the micro-
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algal and bacterial community. Further investigations into functional roles of the biofilm 

components are needed to infer relationships between P. autumnale and the bacterial community. 

A clear pattern of microbial succession is described here and linkages between the micro-algal and 

bacterial communities are evident. Future work should focus on the functional attributes of 

microbes occurring at different stages of succession to further understand how P. autumnale 

dominates these benthic communities. 
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Chapter 1: General Introduction 

1.1 Cyanobacteria Ecology and Toxicity 

Cyanobacteria are prokaryotic organisms that can be uni- or multicellular. Most are aerobic 

photoautotrophs although some cyanobacteria may utilise heterotrophic nutrition (Chorus and 

Bartram, 1999). They are found worldwide in a range of environments, from extremely hot thermal 

pools to the dry valleys of Antarctica (Ward and Castenholz, 2002, Wood et al., 2008). Their ability 

to survive in extreme environments is testament to their evolutionary history. Cyanobacteria are 

believed to be the first photosynthetic organism on Earth, surviving in the volcanically heated 

oceans and hot springs of Earths’ primitive environment (Chorus and Bartram, 1999). 

Cyanobacteria produce a range of secondary metabolites, many of which are toxic to humans and 

other animals. Collectively these are known as cyanotoxins and they can be produced by both 

planktonic and benthic species. The health risks posed to humans and animals by toxic 

cyanobacteria are now recognised worldwide (Chorus and Bartram, 1999). When conditions are 

favourable (e.g., high temperatures and abundant nutrients), cyanobacterial blooms can form, and 

the toxins produced during these events can have severe impacts for aquatic organisms and human 

and animal users of these ecosystems. One of the most severe cases of human poisoning from 

cyanotoxins occurred in Brazil in 1996 when a hospital’s water supply was contaminated with 

cyanotoxins, leading to the death of 52 renal dialysis patients (Azevedo et al., 2002). There have 

also been multiple cases of death or poisoning of domestic and wild animals after consumption of 

cyanobacteria. For example: In a Japanese lake, 20 ducks died of hepatotoxicity after a bloom of 

microcystin-producing Microcystis auriginosa. In an extreme case, 10,000 livestock died after a 

massive bloom of neurotoxic Anabeana circinalis occurred in the Darling river, Australia 

(Falconer, 1998).  
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In contrast to the planktonic cyanobacteria, benthic species and their associated toxins are poorly 

studied, despite being linked to numerous animal deaths globally (Hamill, 2001, Mez et al., 1998, 

Gugger et al., 2005, Milne and Watts, 2007, Heath et al., 2011, Cadel-Six et al., 2007). Benthic 

cyanobacteria grow on bottom sediments and can form biofilms in both marine and freshwater 

environments. Biofilms can form on a range of substrate types, including sand, cobbles, bedrock, 

and submerged structures such as wharf piers. Globally, common genera that dominate benthic 

biofilms include Oscillatoria, Phormidium, Leptolyngbya and Tychonema (Quiblier et al., 2013). 

Toxin production and/or toxicosis from benthic cyanobacteria has been reported from France 

(Gugger et al., 2005), Spain (Hurtado et al., 2008), the Netherlands (Fiore et al., 2009), Switzerland 

(Mez et al., 1998), Scotland (Edwards et al., 1992), Ireland (James et al., 1997), USA (Izaguirre et 

al., 2007), Canada (Lajeunesse et al., 2012), Australia (Seifert et al., 2007), New Zealand (Wood 

et al., 2012a), Kenya (Krienitz et al., 2003), Egypt (Mohamed et al., 2006) and the Baltic sea 

(Surakka et al., 2005).  

1.2 New Zealand Benthic Freshwater Cyanobacterial Blooms 

In New Zealand, the occurrence of planktonic blooms has been recorded for many decades 

(Pridmore and Etheredge, 1987) and animal deaths linked to planktonic blooms have been reported 

from numerous water  bodies across the country, including Lake Forsyth and Lake Ellesmere since 

the 1970’s (Wood, 2004). The most common cyanobacteria found in New Zealand planktonic 

blooms are Microcystis spp. and Anabeana spp. (Wood et al., 2006). Microcystins (MC) are the 

most common cyanotoxin produced by the cyanobacteria forming these blooms, although other 

cyanotoxins, such as nodularin, cylindrospermopsin, anatoxin and saxitoxin, have also been 

detected from New Zealand planktonic blooms (Wood et al., 2006). Over the last decade there has 

been an apparent increase in the prevalence and intensity of benthic cyanobacterial blooms in New 
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Zealand rivers (Milne and Watts, 2007, Wood and Young, 2012). This has largely been identified 

due to increased reports of dog deaths after consumption of benthic cyanobacterial material 

(Hamill, 2001, Wood et al., 2007). As a result, New Zealand is one of the first nations to undertake 

detailed research on the ecology of toxic benthic cyanobacteria.  

The first report of dog neurotoxicosis in New Zealand after ingestion of benthic cyanobacteria was 

in 1998 (Hamill, 2001). The cyanobacteria responsible were identified as from the order 

Oscillatoriales. Subsequently, in 2005, five dogs died rapidly after visiting the Hutt River 

(Wellington, New Zealand). Analysis of stomach contents and cyanobacteria biofilms confirmed 

the presence of the potent neurotoxins anatoxin-a (ATX) and homoanatoxin-a (HTX). Phormidium 

autumnale (Oscillatoriales) was identified as the causative species (Wood et al., 2007). Further 

studies have shown  P. autumnale  is the dominant cyanobacteria comprising benthic biofilms in 

New Zealand rivers (Heath et al., 2010). Phormidium autumnale blooms have predominantly been 

observed in stable flow conditions and sites with the greatest P. autumnale  coverage generally 

have low levels of Dissolved Reactive Phosphorus (DRP; ca. <0.01 mg L-1) and elevated Dissolved 

Inorganic Nitrogen (DIN; ca. >0.1 mg L-1) (Wood and Young, 2012). Growth is optimal in water 

velocities between 0.6 and 1.1 m3 s-1, although substrate cover >25% has been observed at high 

velocity (2.1 m3s-1) (Heath et al., 2013). Unlike many cyanobacterial species, P. autumnale does 

not have the ability to fix atmospheric nitrogen – analysis of New Zealand cultures of P. autumnale 

did not detect genes responsible for nitrogen fixation (Heath and Wood, unpublished). These 

findings indicate an ability of P. autumnale to out-compete other periphyton in low P conditions 

and support the observed need for elevated DIN for bloom formation. However, these studies are 

limited to regions around New Zealand and may not truly represent the range of conditions in 

which P. autumnale can grow. Furthermore, little is currently known of the conditions within the 
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biofilm matrix and how they differ to those of the surrounding water. P. autumnale biofilms form 

a dense matrix that may restrict movement of solutes and may alter local physio- or biochemical 

conditions (e.g. pH, nutrients and enzyme activity) and hence alter the available nutrients. 

1.3 Biofilm Microbial Composition 

Benthic cyanobacterial biofilms usually contain many different species of cyanobacteria, green 

algae, bacteria and diatoms with one or few species dominating. For example, P. autumnale is the 

dominant species comprising benthic biofilms that proliferate in many New Zealand rivers (Heath 

et al., 2010), but several other species of cyanobacteria, such as Oscillatoria, Pseudoanabeana and 

Tychonema, may also be present (Heath et al., 2011).  

Environmental factors can influence the microbial composition of benthic biofilms. Water velocity 

is the main environmental factor that affects biofilm composition and architecture, as it controls 

other factors such as delivery of nutrients to the biofilm (Besemer et al., 2007). In general, biofilm 

biomass accumulation is greater in low water velocities, as opposed to high velocities that can 

impose stress on biofilm development (Lau and Liu, 1993), although high and low velocity is 

relative to the river system under study. Lau and Liu (1993) indicated that stress caused by high 

velocity reduced biomass accumulation, although high velocities deliver nutrients at a higher rate. 

Besemer et al. (2007) controlled flow conditions in a microcosm experiment and found that biofilm 

accumulation was greatest under low flow (0.065 m3 s-1) and diversity of biofilm communities 

varied with low, medium (0.162 m3 s-1) and high (0.39 m3 s-1) velocities. They also demonstrated 

that biofilms formed distinct ridges and streamers under the highest flow, which allowed other 

microbes to colonise and increased microbial biomass as well as the bio-reactive surface area. The 

effect of velocity on Phormidium-dominated biofilm community composition is not yet known. 
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Other environmental factors, such as light and nutrients supply, are also important in determining 

biofilm community composition (Wood et al., 2012a, Sekar et al., 2002, Barranguet et al., 2005). 

Additionally, biological factors can also contribute to shaping the biofilm community. For 

example, grazing of  algal-bacterial biofilms by the snail, Potamopyrgus antipodarum, during 

development encouraged extracellular polymeric substances (EPS) production, and allowed 

filamentous cyanobacteria to dominate in the mature stages (Barranguet et al., 2005).  

Benthic biofilms have successional stages of development much like a terrestrial forest ecosystem 

(Sekar et al., 2002, Jackson, 2003). Typically, biofilms start with a conditioning bacterial film that 

allows settlement of other microorganisms, followed by growth, stabilisation and eventual 

senescence as biofilms slough off (Barranguet et al., 2005). Jackson (2003) suggested that in the 

early successional stages, heterotrophic bacteria rely on dissolved organic carbon from the 

overlaying water, and their growth alters the substrate surface for colonisation by other microbes; 

later successional stages generally function as a closed system, where the bacteria rely on 

autotrophic production from algae and cyanobacteria (Barranguet et al., 2005, Roeselers et al., 

2007). In general, biofilms are initially dominated by bacteria and diatoms, followed by green 

algae and finally dominance by cyanobacteria in late succession (Besemer et al., 2007, Roeselers 

et al., 2007, Barranguet et al., 2005, Leflaive et al., 2008).  

Bacterial species within the biofilms appear to be an important component of biofilm development 

(Lear et al., 2008); however, few studies have investigated the relationship of these potentially 

symbiotic bacteria with other taxa in benthic biofilms. Espeland and Wetzel, (2001) undertook an 

experimental study that measured the extracellular phosphatase expression by biofilm bacteria 

exposed to different algal photosynthetic activities and phosphate levels. Bacterial phosphatase 

activity increased under photosynthetic inhibition (and subsequent reduction of extracellular 



13 
 

organic carbon from photosynthesis) in phosphate deprived conditions. This association between 

bacterial phosphatase activity and photosynthetic inhibition was viewed as a mutualistic 

relationship between the bacteria and biofilm algae. The role of EPS in multispecies algal-bacterial 

biofilms has rarely been examined, despite its importance in biofilm-forming heterotrophic 

bacteria and cyanobacteria (Barranguet et al., 2005). It is likely that bacteria assist with attachment 

of inocula to the substrate and could potentially facilitate dominance of specific algae, such as P. 

autumnale. The existence of such a relationship in New Zealand Phormidium-dominated biofilms 

is yet to be identified and further study of the fine-scale mechanisms involved in biofilm 

development is needed. 

1.4 Characterising Microbial Communities 

Characterisation of microbial communities in many areas, including freshwater ecology, have 

previously been restricted to culturable organisms, which represents very little of the true diversity 

(Hill et al., 2000, Degnan and Ochman, 2011). The application of molecular methods over the last 

decade, particularly those targeting the 16S and 18S ribosomal RNA (rRNA) genes, has greatly 

improved the ability to detect microbial diversity (Hill et al., 2000). rDNA (which encodes the 

rRNA) is present in all forms of life and has multiple hypervariable regions interspersed among 

conserved regions. Those regions can easily be amplified by polymerase chain reaction (PCR) for 

nucleotide sequencing (Roh et al., 2010). Genetic studies of environmental material had typically 

used vector cloning and Sanger sequencing methods (Cardenas and Tiedje, 2008, Degnan and 

Ochman, 2011). Terminal-Restriction Fragment Length Polymorphism analysis (T-RFLP) and 

Automated Ribosomal Intergenic Spacer Analysis (ARISA) are two methods that utilise the 16S 

rRNA region or intergenic spacer region and fluorescent tagging technology; both have been 

successfully used to characterise benthic stream periphyton communities (Lear et al., 2008, Vinten 
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et al., 2011). But new sequencing technologies, such as 454 and Illumina™ platforms, now allow 

genetic identification of these communities. Illumina™ GAIIx platform sequencing has been used 

to effectively recapture the microbial diversity of a known mock community of 65 isolates 

(Caporaso et al., 2011). Similarly, they examined 25 environmental samples from 8 different 

environments (ranging from freshwater to the human gut) that reproduced levels of diversity 

previously obtained from extensive and time-consuming meta-analyses. Application of molecular 

tools such as these could provide a rapid and cost effective way to study the microbial composition 

of benthic P. autumnale biofilms to identify potential microbial symbionts or facilitators. 

1.5 Toxin Production in Benthic Biofilms 

The function of toxins in both planktonic and benthic cyanobacteria is still unclear. A large body 

of research is available on the regulation of toxin production and ecological functions of toxins in 

planktonic groups (especially for microcystins). However, there are a limited number of studies 

investigating the same questions in benthic cyanobacteria. The majority of known cyanotoxins 

have been identified from benthic blooms, including hepatotoxins (microcystins, nodularins and 

cylindrospermopsins) and neurotoxins (ATX, HTX and saxitoxins; STX) (Quiblier et al., 2013). 

Globally, microcystins and ATX are the most common cyanotoxins associated with benthic 

blooms (Edwards et al., 1992, Gugger et al., 2005, Quiblier et al., 2013, Wood et al., 2007). 

However, this may be due to sampling biases and the availability of routine tests for these toxins. 

In New Zealand benthic blooms, ATX and HTX are the most commonly detected cyanotoxins 

(Heath et al., 2011, Milne and Watts, 2007, Wood et al., 2012b). 

Co-occurrence of toxic and non-toxic genotypes within the same bloom is well documented in 

planktonic species. However, investigations of toxic and non-toxic genotypes in benthic blooms 

are scarce. A study by Heath et al. (2010) found that only five of the seven P. autumnale strains 
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isolated from environmental samples, which had tested positive for anatoxins via Liquid 

Chromatography-Mass Spectrometry (LC-MS), produced anatoxins in culture. Additionally, 

Cadel-Six et al. (2007) found that a strain of Phormidium, isolated from the Tarn River in France, 

produced anatoxin although it was sampled from a ‘non-toxic’ biofilm. Toxic and non-toxic P. 

autumnale genotypes can occur in the same biofilm within a 1 m2 area of river substrate and 

different toxic genotypes may vary  dramatically in their ability to produce toxins (Wood et al., 

2012b). Quantitative molecular techniques may help determine variables that cause toxic and non-

toxic P. autumnale genotypes to dominate, and establish how the relative abundances of genotypes 

relates to actual toxin concentrations within a biofilm. Recent studies suggest anatoxin production 

is variable under different nutrient culturing conditions (Smith, 2012) and also among localities 

over time (Heath et al., 2011). 

Quantitative Polymerase Chain Reaction (QPCR), also called Real-Time PCR, is a method to 

simultaneously amplify and quantify specific target DNA sequences, which is useful for 

quantifying metabolite production, such as toxins. This method differs from standard PCR in that 

amplified DNA is quantified during the reaction process, rather than at the end of the amplification 

process, hence QPCR is faster and more accurate than other methods such as Gel Electrophoresis, 

Northern Blots and Southern Blots. Target DNA is quantified by the addition of fluorescent dyes; 

either a non-specific intercalating dye that binds to any double stranded DNA or a sequence-

specific DNA probe with a fluorescent reporter sequence.  Fluorescence peaks are produced as 

more target DNA is amplified, this can be compared with a standard curve to obtain a relative 

quantity of the target sequence per sample. A sequence coding for a polyketide synthase (now 

known as the ana gene cluster) was found to occur only in ATX- and HTX-producing strains of 

Oscillatoria sp. (Cadel-Six et al., 2009), and has subsequently been identified in other ATX 
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producing cyanobacteria (Rantala-Ylinen et al., 2011), indicating its putative role in anatoxin 

biosynthesis. Phormidium autumnale cells possess a single copy of the ana gene cluster (Méjean 

et al., 2010), making it possible to PCR amplify sections of this cluster (anaA-anaG) to determine 

the proportion of toxin producing cells in a sample.  Wood et al. (2010) successfully screened P. 

autumnale cultures and environmental samples for ATX-producing ability using the anaF segment 

of the ana gene cluster. 

The exact causes of toxic/non-toxic strain variation are still unknown. The proportion of toxic and 

non-toxic P. autumnale strains does not appear to vary with water velocity, pH, light intensity, 

depth and biofilm cover, while some correlations have been found where increased toxic strains 

occur with water temperatures above 15°C (Heath et al., 2010) this is not consistent with other 

studies (Wood and Young, 2012). Secondary metabolites are often produced for the purposes of 

cell-cell signalling or as anti-herbivore defences. Other than comparisons with P. autumnale 

biofilm cover, no study has yet investigated variation in toxic and non-toxic strains with biological 

variables, such as other algae associated with the biofilms.  

1.6 Research Aims 

The overarching goal of this thesis is to investigate the successional development and within-

biofilm relationships of P. autumnale-dominated biofilms in the Hutt River, Wellington, New 

Zealand – a river with yearly summer blooms and numerous dog poisoning cases. The goals of 

this study are: 

1. To characterise the successional development of microalgae in the P. autumnale 

dominated biofilms of the Hutt River via microscopy. 
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2. To investigate how the bacterial community varies through biofilm succession using 

ARISA and Next-generation sequencing and to identify potential bacterial symbionts or 

facilitators of P. autumnale dominance.  

3. To explore the variation in anatoxin production and anatoxin-producing variants 

throughout biofilm succession to help identify the biological function(s) of anatoxin 

production. 

 

Note: Chapters 2 and 3 have been written as self-contained research papers for publication. As a 

consequence there is some repetition in the introductions and discussions. 
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Chapter 2: Successional changes in microbial community 

composition of benthic Phormidium-dominated biofilms 
 

2.1 Introduction 

Problematic cyanobacterial blooms are a common occurrence in many freshwater bodies around 

New Zealand and animal deaths resulting from planktonic blooms have been reported for decades 

(Pridmore and Etheredge, 1987). In contrast, the prevalence and intensity of benthic cyanobacterial 

blooms (defined as > 30% coverage of the substrate) dominated by the genus Phormidium appear 

to only have increased throughout New Zealand in the last decade (Wood and Young, 2012). The 

health risks posed by these blooms were highlighted following reports of dog deaths after 

consumption of benthic cyanobacteria material (Hamill, 2001, Wood et al., 2007). As a result, 

New Zealand became one of the first nations to undertake detailed research on the ecology of toxic 

Phormidium blooms.  

The first report of dog neurotoxicosis in New Zealand after ingestion of benthic cyanobacteria was 

in 1998 (Hamill, 2001). Further dog deaths occurred in 2005 when they consumed material from 

Phormidium blooms in the Hutt River (Wellington). The potent neurotoxins anatoxin-a (ATX) and 

homoanatoxin-a (HTX) were detected in the cyanobacterial material and in the dogs’ stomachs. 

Wood et al. (2007) confirmed that the dominant cyanobacteria comprising these biofilms was 

Phormidium autumnale (Oscillatoriales; Wood et al., 2007). Further research by Heath et al. 

(2010) confirmed that P. autumnale is the dominant bloom forming/toxin producing species 

responsible for blooms throughout New Zealand rivers. Phormidium autumnale blooms are 

usually observed in stable flow conditions and sites with the greatest coverage generally have low 

levels of dissolved reactive phosphorus (DRP; ca. <0.01 mg L-1) and elevated dissolved inorganic 

nitrogen (DIN; ca. >0.1 mg L-1; Wood and Young, 2012). Analysis of P. autumnale cultures from 
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across New Zealand showed that, unlike many cyanobacterial species, they lacked the genes 

responsible for nitrogen fixation and this may explain why elevated DIN is normally required for 

bloom formation. Growth is optimal in water velocities between 0.6 and 1.1 m3 s-1, although 

growth (> 25% coverage) has been observed at high velocity (2.1 m3 s-1; Heath et al., 2010). These 

findings indicate an ability of P. autumnale to out-compete other periphyton in low phosphorus 

(P) conditions. However, these studies are limited to locations within New Zealand and may not 

truly represent the range of conditions in which P. autumnale can grow. Furthermore, little is 

currently known of the conditions within the biofilm matrix and how they differ from those of the 

surrounding water. Phormidium autumnale biofilms form a dense matrix that could restrict 

movement of solutes from the water column, and may alter local physiochemical conditions (e.g. 

pH, dissolved oxygen and nutrients) and hence alter available nutrients. 

Phormidium autumnale occurs in biofilms with other microbial taxa, such as bacteria, diatoms and 

green algae (Wood et al., 2012a), but the relative proportions of these within the P. autumnale-

dominated biofilms and how they change temporally is currently unknown. Factors that influence 

the microbial composition of benthic biofilms are typically environmental factors, such as water 

velocity, temperature and nutrients. Water velocity is usually the most prominent of these - as high 

velocities can reduce the water temperature and control delivery of nutrients to  biofilms (Lau and 

Liu, 1993). Light intensity can influence the composition of microbial biofilms, often increasing 

the proportion of photoautotrophs (such as cyanobacteria) in high light conditions (Barranguet et 

al., 2005); although bacterial numbers in a microcosm experiment were found to reduce under high 

light intensities (Lear et al., 2009). Additionally, biological factors can also contribute to shaping 

the biofilm community. For example, grazing of  algal-bacterial biofilms by the snail, 

Potamopyrgus antipodarum, during development encouraged Extracellular Polymeric Substances 
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(EPS) production, and allowed filamentous cyanobacteria to dominate in mature biofilms 

(Barranguet et al., 2005).   

Biofilms are major sources of lotic primary production and the bacterial components of these are 

essential in the break-down of organic matter and consequent nutrient cycling (Roman and Sabater, 

1999). However, there is a limited understanding of the relationship of these potentially symbiotic 

bacteria with other microbes in benthic biofilms. The increase of photoautotrophs, such as algae 

and cyanobacteria, within biofilms can increase the organic substrate available for bacterial 

metabolism but also slow the response of bacteria to changes in the microbial community (Roman 

and Sabater, 1999). Biofilm bacteria are a food source for protozoans and macroinvertebrate 

grazers, forming important trophic interactions (Dopheide et al., 2011). Grazing by ciliates can 

also effect the structure of the biofilm matrix, with some species forming holes and channels in 

the biofilm and others causing a more homogenous distribution of cells (Dopheide et al., 2011).  

Benthic biofilms have successional stages of development much like a terrestrial forest ecosystem 

(Sekar et al., 2002, Jackson, 2003). Typically biofilms start with a conditioning bacterial film that 

allows settlement of other microorganisms, followed by growth, stabilisation and eventual 

senescence as biofilms slough off (Barranguet et al., 2005). Jackson (2003) suggested that in the 

early successional stages, heterotrophic bacteria rely on dissolved organic carbon from the 

overlaying water, and their growth alters the substrate surface for colonisation by other microbes. 

Later successional stages generally function as a closed system, where the bacteria rely on 

autotrophic production from algae and cyanobacteria (Barranguet et al., 2005, Roeselers et al., 

2007). In general, the biofilms are initially dominated by bacteria and diatoms, followed by green 

algae and finally dominance by cyanobacteria in late succession (Besemer et al., 2007, Roeselers 

et al., 2007, Barranguet et al., 2005).  
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Currently, there is limited knowledge of how the microbial community within the P. autumnale-

dominated biofilms changes temporally following clearance of the substrate by a flushing flow. 

The aim of this chapter was to characterise the successional changes of P. autumnale biofilms from 

the earliest phase through to the mature “sloughing” phase, using both microscope and molecular 

identification methods. This fine scale investigation of community change will provide evidence 

for possible micro-algal-bacterial associations that could be facilitating bloom formation by P. 

autumnale in New Zealand rivers. 
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2.2 Methods 

2.2.1 Site descriptions 

Three study sites on the Hutt River (Wellington, New Zealand) were selected - Te Marua (Site 1), 

Mangaroa (Site 2) and Silverstream (Site 3; Figure 2.1). The sites were chosen based on previous 

occurrences of P. autumnale blooms (Heath et al., 2011, Milne and Watts, 2007), their 

accessibility, and  varied water chemistries (Heath et al., 2011). The study was conducted over a 

32 day period between the 9 February and 13 March 2013.  

Site 1 (41°04‘48“ S, 175°08‘30“ E) was located in the upper reaches of the Hutt River, adjacent 

to the Kiatoke municipal water storage ponds. The majority of the surrounding catchment is native 

forest with some small areas of residential and agricultural use. Site 2 (41°5‘40“ S, 175°7‘25“ E) 

is ca. 500 m below the confluence of the Mangaroa River, a tributary of the Hutt River. The 

surrounding landscape is mostly residential and agricultural, and includes a local golf course. Site 

3 (41°8‘23“ S, 175°0‘23“ E) was located 14 km downstream from Site 2, where the river runs 

through residential areas, with a golf course to the east and a motorway to the west. 

2.2.2 Experimental design and sampling 

On 5 February 2013 there was a high rainfall event causing a ‘flushing flow’ (flow greater than 

three times the median; Hudson, 2010), in the Hutt River which removed existing P. autumnale 

growth. Flows at the three Greater Wellington Regional Council (GWRC) river gauging  sites (Te 

Marua, Birchville and Taita Gorge; Figure 2.1) reached over 200, 500 and 580 m3 s-1 respectively, 

well over the long term median flow values (5.8, 12.4 and 14.2 m3 s-1; Hudson, 2010).  On the 9 

February the flow had reduced to 4 m3 s-1 and it was deemed safe to work in the river. Thereafter, 

the sites were visited every two days for the first 24 days and every third day up to day 36. The 

experiment ceased on 13 March 2013 due to an imminent flushing flow (190 m3s-1 at Taita Gorge; 
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GWRC 3) on the 18 March 2013. The temporal sampling points refer to number of days since the 

flushing flow occurred (day 0) as a measure of the biofilm accrual period, with sampling beginning 

on day 4 and ran for 32 days, until day 36. 

 

Figure 2.1 Map of study sites on the Hutt River and Greater Wellington Regional Council 

permanent monitoring stations (GWRC 1, 2 and 3) from which flow and temperature data were 

obtained.  

 

At each site, ten rocks (20-30 cm) that were completely submerged in the river prior to the start of 

the experiment, were randomly selected and arranged into two rows across the river (A and B, 

Figure 2.2). Small rocks numbered 1-10 with waterproof varnish were positioned next to the study 
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rocks for identification purposes. The first row of five rocks were used for re-sampling of biofilm 

material, the remaining rocks were undisturbed controls.  

 

Figure 2.2 Site 1 set-up. Red rings indicate position of rocks under observation. Rocks to the left 

(A) were re-sampled for biofilm material, while rocks to the right (B) were undisturbed controls. 

 

All rocks were photographed (Lumix DMC-FT20 digital camera, Panasonic, Japan) underwater 

via an underwater viewer (Nuova Rade) to visually record the extent of P. autumnale biofilm 

cover. Point velocity measurements were taken at the centre point in front of each rock using an 

OSS-PC1 pygmy current meter (Scottech, New Zealand) at 60% of the total water depth. Water 

conductivity was recorded at each site using a CyberScan CON 410 (Eutech) conductivity meter. 

Continuous flow data was obtained from the GWRC gauging site (GWRC 1: 41° 4'40"S, 175° 

8'38"E, Figure 2.1) located 300 m upstream of Site 1, where the water level is measured inside a 

stilling tower with a float and counter weight system and is converted to a flow value using a rating 

curve relationship. Water temperature data, also from the GWRC gauging site, was measured using 

Campbell C107 and Unidata LM34 sensors. Water samples (120 mL) from each site were filtered 

directly into the sample bottles through a GF/C filter (Whatman) for analysis of dissolved nutrients 

A B 
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(nitrite, nitrate, ammoniacal nitrogen, dissolved reactive phosphorous). Samples (50 mL) were also 

collected for total nutrients (nitrogen and phosphorus). These were stored on ice during transport 

and frozen at -20 °C within 6 hrs.  

Biofilms samples were taken by swabbing a ca. 254 mm2 area of five rocks (A, Figure 2.3) using 

sterile Whirl-pak™ Speci-sponges™ (Nasco). A metal ring was used to mark the outside 

circumference of the sampling area (Figure 2.3).  Two duplicate areas were sampled per rock and 

the sponges were placed in separate sterile Whirl-pak™ bags. Sponge samples for later molecular 

and toxin analysis were put on ice immediately and frozen (-20 °C) on return to the laboratory. 

Sponge samples for morphological analysis of the biofilm community were placed in Whirl-pak™ 

bags with distilled water (50 mL) and preserved immediately with 3-4 drops of Lugol’s iodine 

solution (10% (w/v) potassium iodide, 5% (w/v) iodine, 10% (v/v) acetic acid) and stored in the 

dark for microscopic analysis. Due to the heterogeneous distribution of growth of multiple types 

of algae/cyanobacteria on the rocks, both samples were taken from the largest visible area of 

biofilm growth.   

 

Figure 2.3 Rock sampling technique. Metal ring used to mark circumference of sampled area. 
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2.2.3 Nutrient Analysis 

Total phosphorus (TP) was analysed by acid persulphate digestion and ascorbic acid colorimetry, 

while total nitrogen (TN) was determined using a Lachat QuickChem® Flow Injection Analyser 

(FIA+ 8000 Series; Zellweger Analytics, Inc., Milwaukee, WI, USA) and Konelab Aquakem 600 

Discrete Analyser (Thermo Scientific) according to methods of APHA (2005). Detection limits 

were 0.004 g m-3 and 0.02 g m-3, respectively. Nitrate-N and nitrite-N were analysed by Ion 

chromatography (Konelab Aquakem 600 Discrete Analyser; Thermo Scientific) with a detection 

limit of 0.002 g m-3and ammoniacal-N by colorimetry (Konelab Aquakem 600 Discrete Analyser; 

Thermo Scientific) with a detection limit of 0.005 g m-3. Dissolved inorganic nitrogen (DIN) was 

taken as the sum of nitrite-N, nitrate-N and ammoniacal-N. Dissolved Reactive Phosphorus (DRP) 

was analysed by Molybdenum blue colorimetry (Konelab Aquakem 600 Discrete Analyser; 

Thermo Scientific) with a detection limit of 0.004 g m-3.  Nitrogen analyses were carried out by 

Water Care Laboratory Services (Auckland, New Zealand) and phosphorus analyses by Hill 

Laboratories (Hamilton, New Zealand).   

2.2.4 Morphological identification 

Due to very low biofilm coverage of study rocks at Site 2 and 3, Site 1 was the only location with 

sufficient coverage to be used for analysis of the biofilm community and all subsequent methods 

refer to samples and data from Site 1 only. 

Speci-sponges™ and surrounding 50 mL liquid were transferred into a sealed plastic bag. Each 

sample was placed in a Colworth 400 laboratory stomacher (AJ Seward, UK) for 2 min to separate 

biofilm material from the Speci-sponges™. Sponges were squeezed to remove excess liquid and 

any material remaining on the sponge was removed with tweezers. The suspended material was 

transferred to Falcon tubes (50 mL) then homogenised (LabServ D130) and subsamples (0.5 to 4 
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mL depending on the cell concentration) pipetted into Utermöhl chambers (Utermöhl, 1958) and 

distilled water (6-9 mL) added to the chamber. Samples with extremely low cell concentrations 

(days 4-8) were settled in their tubes (24 hr) and the overlying water (ca. 40 mL) decanted. 

Morphological identification and enumeration of micro-algal taxa were carried out using an 

inverted microscope (Olympus CKX41; note: hereafter reference to micro-algae include true 

eukaryotic algal taxa, e.g. green algae and diatoms, as well as the cyanobacteria that were visible 

under the microscope at 1000 × magnification). Identifications were made with the taxonomic 

guides of Biggs and Kilroy (2000), Canter-Lund, Lund and Fogg (1995) and McGregor (2007). 

Trichome lengths of filamentous species were measured and divided by the average cell length to 

give an estimate of cell number per filament. 

2.2.5 Biovolumes 

Samples from Site 1 at four time points throughout the sampling period (days 8, 20, 27 and 33) 

were used to calculate cell biovolumes for each of the 19 genera identified, using median cell 

dimensions (n = 30 to 40) and volumetric equations of geometric shapes closest to each cell shape, 

as described in Sun & Liu (2003). Measurements were undertaken at 400× magnification using an 

Olympus CKX41 inverted microscope and 1000× magnification using a Leica DMRBE compound 

microscope.  

2.2.6 DNA extraction and Automated Ribosomal Intergenic Spacer Analysis (ARISA) 

Speci-sponges™ were thawed and 30 mL of RNA/DNA free water (Life Technologies) added, 

followed by maceration using a Colworth 400 laboratory stomacher (AJ Steward, UK) for 2 mins. 

Excess liquid was squeezed from the sponges.  Subsamples (10 mL) were frozen (-20 ˚C) for toxin 

analysis (described in Chapter 3). The remaining biofilm suspension was pelleted by centrifugation 
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(3000 × g, 15 min). The supernatant was discarded and DNA extracted from the pellet using a 

Power Biofilm® DNA Isolation Kit (MOBIO, USA) following the manufacturer’s instructions. 

A region of the internal transcribed spacer (ITS) region was amplified by PCR (iCycler; Biorad) 

using bacterial-specific primers ITSF (5′-TCGTAACAAGGTAGCCGTA-3′) and ITSReub (5’-

GCCAAGGCATCCACC-3’; Cardinale et al., 2004). PCR reactions were performed in 20 µL 

volumes with the reaction mixture containing 12.5 µL of i-Taq 2x PCR master mix (Intron 

Biotechnology, Korea), 0.4 µM of each primer, and 15-20 ng of the template DNA. The reaction 

mixture was held at 94 °C for 3 min followed by 30 cycles of 94 °C for 45 s, 52 °C for 60 s, 72 °C 

for 2 min, with a final extension step at 72 °C for 7 min. Amplified products were diluted (1:20) 

with Milli-Q water and sent to Waikato University (Hamilton, New Zealand) for automated 

ribosomal intergenic spacer analysis (ARISA). Amplicon lengths were resolved on an ABI 3130xI 

Genetic Analyser (Applied Biosystems) and run under GeneScan mode at 15 kV for 45 min 

according to the manufacturer’s protocol. Each sample contained 0.25 µL of the internal Standard 

(Applied Biosystems) to determine the size of fluorescently labelled fragments during analysis. 

The resulting electropherograms were processed using the PeakScanner™ software v1.0 (Applied 

Biosystems) and an in-house pipeline modified from Abdo et al. (2006) written using Python 2.7.1 

(Python Software Foundation) and R (http://www.r-project.org). 

Peaks included in the analysis were those of greater than 30 relative fluorescence units, between 

100 and 1200 base pairs, and that comprised at least 0.1% of the entire signal. Peaks were binned 

to the nearest 1 base pair.  

http://www.r-project.org/
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2.2.7 Illumina Next-Generation Sequencing 

A region of the 16S rRNA gene covering the V3 and 4 sections was amplified by PCR (iCycler; 

Biorad) for Next-Generation Sequencing (NGS) using bacterial-specific primers 515F (5′-

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGGTGCCAGCMGCCGCGGTAA-3′) and 806R (5’-

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGGGACTACHVGGGTWTCTAAT-3’; Caporaso et al., 

2011). PCR reactions were performed in 50 µL volumes with the reaction mixture containing 45 

µL of Platinum® PCR SuperMix High Fidelity (Invitrogen), 10 uM of each primer, and 10-20 ng 

of template DNA. The reaction mixture was held at 94 °C for 2 min followed by 27 cycles of 94 

°C for 30 s, 54 °C for 30 s, 68 °C for 45 s, with a final extension step at 68 °C for 5 min. Amplified 

products were visualised by 1% agarose gel electrophoresis with an ethidium bromide stain and 

UV illumination. Amplicons of the correct size were purified using Agencourt® AMPure® XP 

PCR Purification beads following the manufacturers’ instructions. Purified products were 

quantified using a Qbit (Invitrogen), and diluted to 1 ng/µL using Milli-Q water and sent to New 

Zealand Genomics Ltd. (Auckland, New Zealand) for library preparation. The libraries were 

sequenced on MiSeq Illumina™ platform using a 2×250 bp paired end protocol. 

DNA from eighteen biofilm samples were successfully extracted, PCR amplified and purified 

(Appendix 4). The V4-V5 Illumina™ datasets were demultiplexed using MiSeq Reporter v2.0. All 

further analyses were performed using MOTHUR (Schloss et al., 2009). The sequences 

corresponding to the forward and reverse primers were trimmed, and merged into single contigs 

(maximum length of 292 nucleotides). Contigs were aligned to the SILVA bacteria reference 

alignment (Pruesse et al., 2007) and chimera removal was performed using the UCHIME algorithm 

and sequences aligned to the reference alignment. Sequences were classified to identify taxonomic 

annotation using the Ribosomal Database Project (RDP) taxonomic database Version 9 (Cole et 
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al., 2014). Mitochondrial, unknown, archaeal or eukaryotic sequences were filtered and removed 

from the dataset and sequences were clustered into operational taxonomic units (OTUs). 

Sequences were first grouped by at the Order level and sorted, before OTUs were created 

independently in each of the corresponding bins using 0.01 and 0.03 pairwise sequence distance 

cut-off values.  

2.2.8 Statistical Analyses  

Friedman two-way ANOVAs were performed to detect a difference in average percent biofilm 

cover over time among the three sites. If a statistical difference was found, Mann-Whitney U tests 

were used to compare percent cover between each site for days 30-36 (only time points that met 

assumption of homogenous variances), with Bonferroni corrections for multiple comparisons. A 

one-way repeated measures ANOVA (with a Greenhouse-Geisser correction if the assumption of 

sphericity was violated) was used to determine the effect on percent biofilm cover of removing 

biofilm material versus leaving the undisturbed controls. If a statistical difference was found, 

independent sample t tests were used for the comparison between sampled and untouched rocks 

for days 12, 18, 24 and 36 (days 12-36 were the only time points with normal distributions), with 

Bonferroni corrections for multiple comparisons. 

The average micro-algal and bacterial diversity (number of ARISA peaks and genera OTUs, 

respectively 

) were calculated using the Shannon-Weiner Index (Smith and Wilson, 1996), defined as:   

𝐻′ =  − ∑ 𝑝𝑖 

𝑆

𝑖=1

ln 𝑝𝑖 
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Where pi is the proportion of the entire population comprising taxa i and S is the total number of 

taxa encountered (taxon richness). Values of H’ are >0, with larger values indicating greater 

diversity. The Pielou Index (Smith and Wilson, 1996) was used to indicate the spread of 

abundances across taxa (evenness) and is denoted as: 𝐽 = 𝐻′/𝐻𝑚𝑎𝑥, where H’ is the Shannon-

Weiner Index and Hmax is the maximal diversity (the natural log of S). Values of J range between 

0 and 1, where 0 indicates a highly uneven distribution and 1 indicates a uniform distribution of 

abundances. One-way repeated measures ANOVAs (with a Greenhouse-Geisser correction 

because the assumption of sphericity was violated) were used to determine if micro-algal and 

ARISA genera richness varied significantly over time. All micro-algal and ARISA richness data 

was normally distributed and had homogenous variances except day 24, which was excluded so 

that the more powerful parametric repeated measures ANOVA could be used – hence the degrees 

of freedom were reduced from 8 to 7. For micro-algal and ARISA diversity and evenness, the 

assumptions of normality and/or homogenous variances were violated and a Friedman two-way 

ANOVA was used, followed by Wilcoxon signed rank tests to assess which days differed from 

each other. The Illumina™ OTU data was grouped into the three phases identified from the cluster 

analysis and one-way repeated measures ANOVAs (with a Greenhouse-Geisser correction because 

the assumption of sphericity was violated) performed to determine if genera richness, Shannon 

diversity and evenness varied significantly over time.  

A repeated measures Permutational Multivariate Analysis of Variance (PERMANOVA) was used 

to compare the variation in micro-algal abundances (using Bray-Curtis similarities) and bacterial 

assemblages (number of ARISA peaks, using Sørensen similarities) with five environmental 

variables (water velocity, depth, conductivity, flow and temperature) using 9,999 permutations. 

Analyses were performed using the ‘adonis’ function of the program ‘vegan’ in the R software 
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package version 3.0.1 (R Development Core Team, 2010). PERMANOVA obtains P-values based 

on permutations and therefore does not rely on assumptions about the data distribution (Anderson, 

2001, Lear et al., 2008). The taxa abundances were log transformed prior to analysis.  

Cluster analyses based on Bray-Curtis/Sørensen similarity matrices were performed on the micro-

algal abundances, bacterial ARISA peaks and bacterial Illumina™ sequence reads  to check for 

any distinct community assemblages, using the CLUSTER function in the PRIMER 6 software 

package (Clarke and Gorley, 2006). Micro-algal abundances and bacterial sequences were fourth 

root transformed and bacterial ARISA fragment lengths converted to presence/absence data prior 

to analysis. Distinct groups were identified from the micro-algal cluster analysis and the taxa 

primarily responsible for distinguishing between these groups were determined using the similarity 

percentages (SIMPER) procedure (Clarke and Warwick, 2001) using the PRIMER 6 software.   
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2.3 Results 

2.3.1 Microbial biofilm coverage 

Percent microbial biofilm cover of the study rocks differed significantly over time among the three 

sites (df = 14, χ2 = 231.2, p = < 0.001).  From day 30 onwards, Site 1 had statistically greater 

average percent cover, while there was no significant difference between Site 2 and 3 (Table 2.1). 

Days 4 to 22 did not meet the assumption of normality due to high frequency of values of zero – 

consequently, only days 24 to 36 could be analysed for between-site differences. Site 1 was the 

only location with sufficient P. autumnale growth for an accurate analysis of the microbial 

community in relation to P. autumnale growth (Figure 2.4). Of the ten study rocks at Site 1, there 

was no significant difference in percent biofilm cover between rocks that were re-sampled and the 

undisturbed controls (df = 1, 8, F = 1.224, p = 0.301), despite a visual difference in error bars in 

Figure 2.5. The independent sample t tests for day 36 (df = 8, t = -1.57, p = 0.154) confirmed no 

statistical difference between sampled and undisturbed rocks even at the final sampling date. 

 

Figure 2.4 Mean daily percent biofilm cover for Site 1, Site 2 and Site 3. Error bars displaying 

one standard error (n = 10). 
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Table 2.1. Results from the Mann-Whitney U tests comparing mean percent cover between Site 

1, 2 and 3 (n = 10). Bonferroni adjusted alpha = 0.017. * indicate values significant at the 5% level. 

Day 
Pairwise 

comparisons 

Mann-Whitney U Z statistic p-value 

30 

Site 1, 2 10.5 -2.997 0.003* 

Site 1, 3 4.5 -3.517 <0.001* 

Site 2, 3 32.5 -1.416 0.157 

33 

Site 1, 2 11.0 -2.965 0.003* 

Site 1, 3 5.0 -3.48 0.001* 

Site 2, 3 36.0 -1.161 0.246 

36 

Site 1, 2 12.0 -2.889 0.004* 

Site 1, 3 6.0 -3.4 0.001* 

Site 2, 3 35.0 -1.243 0.214 

 

 

Figure 2.5 Mean percent biofilm cover from Site 1 for re-sampled (black) and untouched controls 

(blue). Error bars show one standard error (n = 10). 
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2.3.2 Environmental factors 

Nutrient concentrations of the bulk water showed few changes over the study period. Dissolved 

Inorganic Nitrogen (DIN = nitrate-N + nitrite-N + ammonical-N) levels at Site 1 were consistently 

at or below the suggested ca. 0.1 mg L-1 threshold for optimum P. autumnale bloom formation 

(Wood and Young, 2012), while Site 2 and 3 were above this threshold (excluding day 12 for Site 

2 and day 16 for Site 3; Figure 2.6 A; Table 2.2). Dissolved Reactive Phosphorus (DRP) was below 

the suggested ca. < 0.01 mg L-1 threshold for P. autumnale bloom formation at all locations (Figure 

2.6 B; Table 2.2).    

Table 2.2 Means ± one standard deviation over the whole sampling period for all nutrients tested 

and their detection limits. ND = not detected.  

Nutrient 

Mean (mg L-1) Detection limit 

(mg L-1) 
Site 1 Site 2 Site 3 

Nitrate 0.079 (±0.005) 0.120 (±0.011) 0.168 (±0.016) 0.002 

Nitrite ND ND ND 0.002 

Dissolved ammonical nitrogen 0.005 (±0.001) 0.008 (±0.002) 0.006 (±0.002) 0.005 

Total nitrogen 0.108 (±0.008) 0.144 (±0.011) 0.189 (±0.017) 0.005 

Dissolved reactive phosphorus  0.005 (±0.001) 0.004 (±0.000) 0.003 (±0.001) 0.004 

Total phosphorus 0.008 (±0.001) 0.007 (±0.001) 0.003 (±0.001) 0.004 

 

 

Point water velocity decreased steadily over the study period, by day 36 it had dropped to less than 

half the velocity of day 4 at all 3 sites. Sites 1 and 2 had similar velocities, while Site 3 experienced 

higher velocities and had greater fluctuations (Figure 2.7 A). Depth decreased at an even rate 

across the three sites; Site 1 (49.8-27.6 cm) remained approximately twice the depth as Sites 2 

(32.6-5.6 cm) and 3 (33.9-7.1 cm) throughout the sampling period (Figure 2.7 B). Conductivity 
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increased over time across all three sites; Sites 1 (81.6-96.7 µS) and 2 (84.6-103.2 µS) had the 

lowest conductivities, while Site 3 (98.3-113.2 µS) was approximately15% higher (Figure 2.7 C). 

 

 

Figure 2.6 Concentration of A: Dissolved Inorganic Nitrogen (DIN), and B: Dissolved Reactive 

Phosphorus (DRP) for Site 1, 2 and 3 (n = 1). Dashed line indicates suggested thresholds for P. 

autumnale bloom formation in New Zealand (Wood and Young, 2012). Note: data points for DRP 

are from different days to those of DIN, due to poor quality data from the initial analysis. 
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Figure 2.7 Environmental parameters recorded at Sites 1, 2 and 3 between 9 February and 13 

March 2013. A: Mean point water velocity (n = 10), B: average depth (n = 10), and C: water 

conductivity (n = 1). Error bars in A and B show one standard error. 
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Flow velocity, measured at the GWRC gauging site above Site 1, decreased by 80% within 24 

hours of the peak flow (55.5 m3 s-1) that occurred on 5 Feb 2013 (day 0; Figure 2.8), reducing to 

1% (0.795 m3 s-1) of the peak flow after 36 days. A drop in water temperature coincided with the 

peak flow on day 0 and increased by 2-3°C from day 4 but remained stable (15-16°C) for the 

duration of the sampling period (Figure 2.8).  

 

Figure 2.8 Summary of daily flow (solid) and temperature (white) data from 1 January to 31 March 

2013, showing sampling period from 9 February to 13 March (shaded area); dotted line indicates 

the yearly median flow recorded at the Greater Wellington Regional Council gauging station at Te 

Marua (GWRC 1, Figure 2.1).  

 

2.3.3 Micro-algal community succession  

In total, 19 different micro-algal genera were identified from the biofilms at Site 1 (Appendix 5). 

The total biovolume of P. autumnale increased through time, starting at ca. 1.3 x 103 µm3/ mm2 

on day 4 and peaking at day 33 with ca. 2.6 × 106 µm3/ mm2 (Figure 2.9). Likewise, the proportion 

of P. autumnale constituting the total micro-algal biovolume increased from 17% at day 4 to a 

maximum of 86% by day 33 (Figure 2.10). The pico-cyanobacteria Heteroleibleinia was initially 

(day 4) a prominent biofilm component, accounting for the majority of other cyanobacteria 
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encountered, where it made up ca. 50% of the total biovolume (Figure 2.9). But the biovolume 

reduced to 5-10% between day 8 and 24, after which it became negligible (Figure 2.10). Diatoms 

(mainly Navicula spp., Synydra spp., Fragilaria spp. and Achnanthidium spp.; Appendix 1) 

comprised the majority (75%) of the biovolume on day 8 but their dominance fluctuated over time, 

and reduced to < 15% by day 33. Green algae and Desmids (Desmidaceae) accounted for < 5% 

over the entire study period.  

There was no statistically significant difference in the mean ranks for micro-algal richness (S) 

diversity (H’) or genera evenness (J) over time (df = 8 and χ2 = 12.837, 12. 267, 11.733, 

respectively, p > 0.05; Figure 2.11, Appendix 2). However, a significant change in micro-algal 

composition over time was identified (df = 8, 14, F = 3.86, p = 0.0001) from the PERMANOVA 

(Table 2.3), with time (days since flushing flow) explaining 65% of the variation. There was also 
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Figure 2.9 Mean micro-algal biovolumes (n = 3) per day at Site 1 in the Hutt River, Wellington 

between 9 February and 13 March 2013. 
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a significant difference in micro-algal composition between the three rocks that were analysed (df 

= 2, 14, F = 1.065, p = 0.0001). These changes in biofilm composition over time could not be 

explained by any of the environmental variables tested (velocity, depth, flow, temperature and 

conductivity; p > 0.05).  

Three micro-algal phases were identified from the cluster analysis (Figure 2.12). Groups A, B and 

C align approximately with early (days 4-16), mid (days 20-30) and late (days 33-36) phases of 

biofilm succession respectively, apart from three samples from days 4 and 8 that did not cluster 

with any other samples (<30% similar to majority of samples) and one from day 16 that clustered 

with days 33-36. The three micro-algae groups were 50% similar to each other overall (Figure 

2.12). Based on the SIMPER analysis, the mid and late phases were the most similar to each other 

(45%), the early and mid-phases were the next most similar (32%), while the early and late phases 

were the least similar (30%). Within their respective phases the samples were 58% (A), 68% (B) 

and 70% (C) similar. Cyanobacteria were the most influential to similarities within each phase of 
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Figure 2.10 Mean micro-algal biovolumes (n = 3) per day as a proportion of the total biofilm 

biovolume at Site 1 in the Hutt River, Wellington between 9 February and 13 March 2013. 
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succession, with a 73 to 79% cumulative contribution to the similarities, while five diatom genera 

made a minor contribution (Table 2.4). Heteroleibleinia contributed the most to the similarities 

within the early and mid-phases, however, P. autumnale became increasingly important in each 

successive phase.  

Figure 2.11 Measures of micro-algal community diversity. Mean micro-algal richness (S), 

diversity (H’), and evenness (J) for Site 1 in the Hutt River, Wellington between 9 February and 

13 March 2013. Error bars show one standard error (n = 3).  

Table 2.3 Micro-algal abundance PERMANOVA summary showing significant variation in 

abundances over time (days).  

 df SS MS F statistic R2 p-value 

Rock 2 0.101 0.051 1.065 0.044 <0.001 

Day 8 1.520 0.190 3.992 0.651 <0.001 

Velocity 1 0.009 0.009 0.182 0.004 0.952 

Depth 1 0.036 0.036 0.755 0.015 0.558 

Residual 14 0.666 0.048  0.286  

Total 26 2.332   1.000  
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Figure 2.12 Cluster analysis of micro-algal communities from microscope identifications (data 

fourth root transformed) based on Bray-Curtis similarities. Groupings represent an early (A; day 

4-16), mid (B; day 20-30) and late (C; day 33-36) phase of community succession.    

 

Table 2.4 Similarity percentages (SIMPER) of micro-algal taxa contributing to composition of the 

successional phases (A, B and C) identified in the cluster analysis (Figure 2.12). Only taxa with 

the highest percent contributions that cumulatively comprised >90% are reported. 

  % Contribution within phases 

 Early (A) Mid (B) Late (C) 

Average similarity 58 68 70 

Heteroleibleinia 54 38 - 

Phormidium autumnale 25 37 61 

Leptolyngbya - - 12 

Melosira 8 - - 

Gomphonema 4 6 4 

Fragilaria - 7 6 

Achnantidium - 5 - 

Cymbella - - 3 

 

A C B 
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2.3.4 Automated Ribosomal Intergenic Spacer Analysis (ARISA) of bacterial community 

succession 

There was no significant variation in bacterial community structure (ARISA peaks) in richness (S, 

df = 7, F = 2.448), diversity (H’) and evenness (J) over time (df = 8, χ2 = 2.311, 6.578 respectively, 

p > 0.05; Figure 2.13, Appendix 3). A significant change in bacterial community composition over 

time (df = 8, 14, F = 3.86, p = 0.0001) was identified from the PERMANOVA (Table 2.6), with 

36% of the differences in bacterial community composition explained by the days since flushing 

flow. These difference in composition over time could not be explained by any of the 

environmental variables tested (velocity, depth, flow, temperature and conductivity; p > 0.05). 

As with the micro-algal cluster analysis, there were three distinct groups of similar bacterial 

composition, which also consisted of an early (A), mid (B), and late phase (C) of biofilm 

development (Figure 2.14). These groups align closely with the micro-algal clusters, particularly 

the early phase, but the bacterial community changed faster than that of the micro-algae. The three 

phases were less than 20% similar to each other and 20% (A), 36% (B) and 33% (C) similar within 

the respective groups (Figure 2.14). 
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Figure 2.13 Summary of bacterial community diversity (ARISA peaks). Mean OTU richness (S), 

diversity (H’), and evenness (J) for Site 1 in the Hutt River, Wellington between 9 February and 

13 March 2013. Error bars show one standard error (n = 3).  

 

 

Figure 2.14 Cluster analysis of bacterial ARISA peaks based on Sørensen similarity, showing 

individual replicates from each sampling day. Boxes represent groupings in early (A; day 4-12) 

mid (B; day 12-20) and late (C; day 20-36) phases of succession.  
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Table 2.6 Bacterial PERMANOVA showing significant variation in bacterial assemblages 

(ARISA peaks) over time (days).  

 df SS MS F statistic R2 p-value 

Rock 3 1.141 0.381 1.304 0.113 <0.001 

Day 8 3.644 0.456 1.561 0.360 <0.001 

Velocity 1 0.318 0.318 1.091 0.031 0.304 

Depth 1 0.354 0.354 1.214 0.035 0.158 

Residual 16 4.669 0.292  0.461  

Total 29 10.127   1.000  

 

2.3.5 Illumina™ bacterial community sequencing analysis 

The raw sequencing data produced 2,175,337 reads. The sequence filtering parameters resulted in 

the removal of 762,251 reads (35%) after quality filtering, chimera removal and alignment. The 

number of high-quality reads usable for downstream analyses were 1,413,086 reads or 78,505 

reads per sample (n = 18). 

Concordant with the previous two cluster analyses, the bacterial communities (excluding 

cyanobacteria) clustered into three phases: early (A; days 8 – 12), mid (B; days 16 – 24) and late 

(C; days 30 – 36; Figure 2.16). The SIMPER analysis showed that all three groups were at least 

36% similar overall, and samples within each group became increasingly similar to each other over 

time (36%, 53% and 64%, respectively; Table 2.7). The early and mid-phases were most similar 

(56%) to each other and the mid and late phases were least similar (46%), while the early and late 

phases were less similar (55%) than the early and mid-phases. No significant difference was 

detected (p > 0.05) for genera richness (S), diversity (H’) or evenness (J) between the three phases 

over time (Figure 2.15). 
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Cyanobacteria were the dominant class throughout the biofilm succession (Figure 2.16, top), and 

of the other bacteria the Alphaproteobacteria, Betaproteobacteria and Sphingobacteria contributed 

the most to the similarities within the three phases (Table 2.7). In the early and mid-phases the 

Alphaproteobacteria made the highest contribution to the similarities within the phases, but they 

were surpassed by Sphingobacteria in the late phase. The bacterial genera Litromicrobium, 

Ahrensia, Catellibacterium and Sphingomonas were dominant (24%, 16%, 11% and 9% on 

average, respectively) in the early phase (A), while Pedobacter, Flavobacterium and Pandoraea 

became prominent (27%, 15 % and 20% on average, respectively) in the mid phase (B; Figure 

2.16). Runella also became prominent (20% on average) in the late phase, while Pedobacter and 

Flavobacterium remained relatively abundant (22% and 13% on average).  

 

Figure 2.15 Measures of diversity for bacterial genera (excluding cyanobacteria). Mean genera 

richness (S), Shannon Diversity (H’) and evenness (J) of the Illumina™ bacterial community 

analysis, collected from Site 1 between 9 February and 13 March 2013. Error bars display one 

standard error (n = 2 to 3). Dashed lines indicate separation of the three phases identified in the 

Illumina™ cluster analysis (Figure 2.16). Note no error bar for day 33 (n = 1). 
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Table 2.7 Similarity percentages (SIMPER) of bacterial classes determined by Illumina™ 

sequencing analysis (excluding cyanobacteria) contributing to composition of the successional 

phases (A, B and C) identified in the cluster analysis (Figure 2.15). Only classes with the highest 

percent contributions that cumulatively contributed >90% similarity are reported.  

  % Contribution within phases 

 Early (A) Mid (B) Late (C) 

Average similarity 78 80 84 

Alphaproteobacteria 19.9 17.8 15.9 

Betaproteobacteria 15.9 16.4 14.6 

Gammaproteobacteria 9.1 6.0 4.8 

Deltaproteobacteria 4.0 2.0 2.7 

Epsilonproteobacteria 2.5 1.6 - 

Sphingobacteria 13.2 16.7 17.6 

Flavobacteria 6.4 9.5 7.7 

Bacteroidia 2.0 - 4.7 

Deinococci 2.4 2.0 2.5 

Clostridia 2.2 2.1 2.6 

Lentisphaeria 1.7 - - 

Actinobacteria 1.6 - 1.7 

Bacilli 1.4 - 1.3 

Verrucomicrobiae - - 2.4 

Planctomycetacia - 1.3 1.9 

Opitutae - - 1.8 

Fusobacteria - 1.5 1.3 
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Figure 2.16 Composition of bacterial classes (Top; excluding classes that comprised <1% of the total sequences), 

composition of bacterial genera (Middle; 10 most common genera, comprising 39% of total sequences (minus 

Cyanobacterial and Diatom sequences) and cluster analysis of bacterial genera based on Bray-Curtis similarities 

(Bottom). Boxes indicate three successional phases (early, mid and late) determined in the cluster analysis (A, B and 

C, respectively). 
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2.4 Discussion 

 

This study is the first to characterise microbial succession in P. autumnale-dominated biofilms, 

and one of few in situ successional studies of benthic biofilms carried out with minimal 

environmental manipulation. This study detected fine scale bacterial and micro-algal community 

changes through intensive sampling and use of a combination of morphological and molecular 

characterisation approaches.  

2.4.1 Microbial community succession  

A distinct succession of micro-algal and bacterial assemblages was observed during this study. All 

three analyses, the micro-algal abundance, bacterial ARISA and bacterial Illumina™ sequencing, 

identified three distinct community assemblages, which clustered into early, mid and late phases 

of growth. Despite being analysed using three completely different protocols the two microbial 

assemblages split into three clusters in strikingly similar time periods, with the bacterial 

community shifts occurring four days (from early-mid phase) and nine days (from mid-late phase) 

before the micro-algae community. Bacterial community turnover occurs earlier and faster than 

that of micro-algae, and some marine bacterial communities may change within the first nine hours 

of substrate colonisation (Pohlon et al., 2010). In the current study, it is likely the bacterial 

community had reached a period of stability in late succession (day 24-36). At approximately day 

20 in this study, P. autumnale began to grow rapidly – indicating the introduction or increase of 

one or many bacteria, or the conditions that they create, which may benefit P. autumnale.  

 The initial micro-algal community consisted mainly of the pico-cyanobacteria Heteroleibleinia 

spp. and diatoms, with very little P. autumnale. However, by day 12 (within the early phase, based 

on Figure 2.12), P. autumnale was clearly dominant and reached a phase of rapid growth after day 
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20, which coincided with the first micro-algal community shift from early to mid-phase of 

succession (Figure 2.12 & 2.14). These findings contradict previous studies of benthic microbial 

assemblages where micro-algae, such as diatoms or green algae usually follow the colonisation of 

bacteria, while cyanobacteria often do not dominate until late succession (Barranguet et al., 2005, 

Besemer et al., 2007, Roeselers et al., 2007). Phormidium autumnale abundance increased through 

time, despite a transient addition of diatoms on day 20, and only began to subside in the very 

mature stages of development (Figure 2.9). There was no co-occurring increase in bulk water 

nutrients that may have driven this sudden biomass increase, nor were there any coincident changes 

in point velocity, depth, conductivity, flow or temperature – indicating that some other intrinsic 

factor is driving these changes.  

The major differences between the early and mid-phases were the increase in both P. autumnale 

and diatom growth seen on day 20 at Site 1 (Figure 2.14). It is unclear whether the drivers of this 

change were the micro-algae themselves or some aspect of the bacterial community. Biofilm 

succession is usually driven by photosynthetic algal components once they have established within 

the biofilm and bacteria are able to utilise algal photosynthates for nutrition (Barranguet et al., 

2005, Besemer et al., 2007, Roeselers et al., 2007). In this case P. autumnale is also a 

photoautotroph and may function within the mat on the same level as diatoms – most likely as 

competitors. The shift on day 20 was preceded by a shift in the bacterial community ca. days 8-16 

(Figure 2.16), showing there is an obvious lag in the timing of micro-algal community shift in 

relation to the bacterial community at this point. Heterotrophic bacteria rely less on external 

sources for nutrition in mid-phase succession and become increasingly dependent on algal 

photosynthates as autotrophic microbes colonise and proliferate in the biofilm – forming a closed 

system within the biofilm matrix (Barranguet et al., 2005, Besemer et al., 2007). The bacterial 
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genera that became dominant in the mid-phase (Pedobacter, Flavobacterium and Pandoraea) had 

no distinct features that would implicate them in driving these changes in the micro-algae, such as 

high exopolysaccharide production. Conversely, it could be expected that as the biofilm matrix 

thickens and is able to shelter microbes from the effects of river flow, a reduction in aerobic and 

increase in anaerobic bacteria may occur, indicating a change in redox potential that facilitates 

mobilisation of phosphates (House, 2003). Collectively these results suggest succession is driven 

by bacteria in the early stages but becomes dependent on micro-algae in the mid and late stages, 

as bacteria metabolise photosynthates trapped in the biofilm matrix. However, there is still a very 

limited understanding of the functional roles of most bacteria and many cyanobacteria remain 

poorly characterised – making it difficult to infer relationships among these groups. 

The shift from mid to late phase succession is likely due to the reduction of diatoms and the 

increase in bacterial taxa abundance (Figure 2.9, Figure 2.16, top). Bacteria are well known 

decomposers and tend to scavenge cellular by-products, effectively recycling them in the biofilm 

(Pohlon et al., 2010). The class Flavobacteria (sometimes referred to as Cytophaga-Flavobacteria) 

are proficient degraders of biopolymers such as cellulose and chitin (Kirchman, 2002), and were 

a dominant class that increased in mid to late succession in this study. Two genera belonging to 

this group, Flavobacterium and Runella, collectively accounted for 35% of the bacterial genera in 

the late phase, and were likely involved in degrading micro-algal by-products. The reduction in 

micro-algae in the late phase is probably due to natural cell lysis, which would provide organic 

matter for bacterial metabolism, enabling them to persist and proliferate in late succession. 

Initial settlement of bacterial colonisers onto a substrate is largely controlled by physical factors 

(the interplay of flow transport and cell re-suspension by shear stress); but biological factors, such 

as active cell motility, cell adhesion and quorum sensing (the chemical signalling between cells), 



52 
 

become much more important as succession progresses and microbial colonisers attenuate the 

effects of flow (Augspurger et al., 2010, Rice et al., 2000). The bacterium Sphingomonas was a 

prominent component in the early phase but less important in the following phases. It is also a 

common exopolysaccharide producer, and is likely to have an important role in attachment of 

microbes to the substrate (Azeredo and Oliveira, 2000). Sphingomonas may have been even more 

abundant prior to the start of the study period, however, bacteria are able to rapidly colonise after 

substrate clearance and some of these very early changes in bacterial composition may have been 

missed in this study. Most studies of the early biofilm successional stages are highly manipulated 

and often use artificial substrates (Besemer et al., 2007, McCormick and Stevenson, 1991, Sekar 

et al., 2002), whereas this study investigated in situ succession with minimal substrate 

manipulation. More experimental approaches may be needed to study how the fine-scale physical 

factors interact with bacterial-driven processes to form nascent biofilms in rivers where P. 

autumnale blooms occur.  

Biofilm grazers, including protozoans and macroinvertebrates, can influence biofilm formation by 

selective grazing (Barranguet et al., 2005, Dopheide et al., 2011). This was not the focus of the 

current study but warrants further investigation as some P. autumnale biofilms with high densities 

of caddisfly larvae have been observed in New Zealand rivers (Bee et al., 2012).  

2.4.2 Environmental parameters 

None of the five environmental factors measured in this study (point velocity, depth, flow, water 

temperature and conductivity) could explain the changes in either the micro-algal or bacterial 

community compositions, despite significant differences in community compositions over time 

and between rocks within Site 1. Previous studies have commonly identified water velocity as the 

main predictor of community variation (Besemer et al 2007). However, a study of P. autumnale 
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habitat suitability criteria indicated that it can bloom in a wide range of velocities, depths and 

temperatures (Heath et al., 2013). They measured a 6-fold difference in velocity from 0.07-0.39 m 

s-1, in comparison to a much smaller 3.5-fold decrease in average velocity seen in the current study 

(Figure 2.7 A), hence velocity is not likely to be contributing to the variation in P. autumnale cover 

in this study. However, even smaller-scale differences in velocity and substrate topography at the 

substrate-water interface may influence the initial settlement of microbes in biofilms (Augspurger 

et al., 2010) and could account for the observed variability in both the micro-algal and bacterial 

assemblages among rocks (Table 2.3). 

Water nutrient conditions were largely consistent with past studies in the Hutt River and several 

other rivers around New Zealand (Heath et al., 2010, Heath et al., 2011). From day 8, nutrient 

levels remained below the suggested thresholds that favour  P. autumnale blooms (ca. >0.1 mg L-

1 DIN and ca. <0.01 DRP, Wood and Young 2012) at Site 1, while DIN was above these thresholds 

at Sites 2 and 3, where P. autumnale growth was significantly less than Site 1. It is not likely that 

the levels of DIN were responsible for the low P. autumnale coverage on the study rocks at Site 2 

and 3, as these were no greater than DIN concentrations reported during previous P. autumnale 

blooms (Heath et al., 2013, Heath et al., 2011).  In this study and others conducted in rivers around 

New Zealand (Wood and Young, 2012), it appears that measuring nutrients only in the bulk water 

gives a poor indication of the delivery and use of nutrients in biofilm communities. Further studies 

should investigate other sources and sinks of nutrients (e.g. ground water, sediment deposits and 

microbial nutrient cycling) within river systems additional to bulk water nutrients. 

Concentrations of DRP in the water column were very low throughout the study. Access to 

additional sources of phosphorus might explain how P. autumnale is able to produce such high 

biomass in relatively low nutrient rivers. A unique feature of P. autumnale is the accumulation of 
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a thin layer of fine sediment at the substrate-biofilm interface. Wood and Young (2012) proposed 

that chemical conditions created in well-developed biofilms may increase the biological 

availability of sediment bound phosphorus that can be utilised by P. autumnale, allowing increased 

growth. The release of sediment-bound P from the substrate can occur in lakes and rivers due to a 

change in the redox potential, usually associated with a decrease in oxygen concentration and/or 

an increase in pH (House, 2003, Søndergaard et al., 2003). It is possible that such conditions exist 

underneath the P. autumnale biofilms, allowing the release of DRP from the sediment thus 

facilitating growth. Once released, this phosphorus would remain and be recycled within the 

biofilm matrix, fuelling further growth. A likely mechanism driving these processes is alkaline 

phosphatase activity – the enzymatic release of P bound to sediments and is a common response 

of biofilm microbes to P deprivation (Espeland and Wetzel, 2001a, Espeland and Wetzel, 2001b, 

Huang et al., 1998, Romani and Sabater, 2000).  

Alkaline phosphatase is produced by multiple biofilm components, including bacteria, 

cyanobacteria, algae and protozoans, and usually only occurs in P-starved conditions (Espeland 

and Wetzel, 2001b), such as those found in the Hutt River. This enzyme activity may be important 

in early colonisation of substrates and has been detected in biofilms after just 4 hours colonisation 

time (Pohlon et al., 2010). Several of the prominent bacterial genera identified in this study 

(Sphingomonas, Catellibacterium, Pedobacter and Pandoraea) produce alkaline phosphatase and 

these were present throughout biofilm development. Nearly all of the dominant bacterial genera 

identified were strictly aerobic, although a few were facultative anaerobes (Catellibacterium, 

Flavobacterium and Albidiferax; Zhang et al., 2012, Bernardet and Bowman, 2006, Finneran et 

al., 2003) – suggesting it is possible that changes in redox potential occurring within the biofilms 

that could facilitate phosphatase activity.  
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There was no apparent linkage between exponential P. autumnale growth and alkaline 

phosphatase-producing bacteria in this study; P. autumnale could possibly produce this enzyme 

itself, and if so, may compete for sediment-bound P. Alkaline phosphatase is most efficient in 

alkaline conditions but the pH conditions within P. autumnale-dominated biofilms have not yet 

been studied. Availability of organic carbon, for example, from algal photosynthates, can also 

affect alkaline phosphatase production (Espeland and Wetzel, 2001b). The bacterium 

Pseudomonas was able to outcompete the green algae Scenedesmus for phosphate uptake in the 

presence of glucose (Jansson, 1993), which may mean P. autumnale could also outcompete other 

benthic algae for limited phosphates in the presence of an abundant organic carbon source. Further 

investigation of alkaline phosphatase producers and the cycling of organic carbon within the 

biofilms are needed to determine which processes are driving the dominance of P. autumnale. 

The production of secondary metabolites by various biofilm microbes may potentially influence 

the community structure of P. autumnale biofilms. The importance of bio-chemical factors (e.g. 

cell-cell signalling) in structuring community assemblages is well studied in planktonic species 

but poorly understood in benthic communities (Leflaive et al., 2008). A successional study of 

diatom-dominated biofilms in France attempted to determine the role of allelopathy (the 

phenomenon where bio-chemicals influence the growth, survival, and reproduction of other 

organisms) in biofilm succession, concluding that intrinsic (rather than extrinsic) chemical factors 

had inhibitory effects on certain diatom species but they were unable to determine what these were 

and if they were produced by biofilm microbes (Leflaive et al., 2008). Most of the allelopathic 

compounds that have been purified and identified are produced by benthic cyanobacteria (Leflaive 

et al., 2008). The extent to which bio-chemicals could be involved in P. autumnale dominance 

within the biofilms were not the focus of this study, however, the production of anatoxins by P. 
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autumnale provides an interesting case for potential allelopathic roles and is explored further in 

Chapter 3.  

2.4.3 Biofilm coverage 

It is not clear why biofilm cover on the study rocks at Sites 2 and 3 was so low compared to Site 

1. Previous studies have reported P. autumnale blooms at Site 2 and 3, with Site 3 having some of 

the most extensive blooms seen in New Zealand to date (Heath et al., 2011, Milne and Watts, 

2007). Given the severity of the flushing flow that occurred prior to the study period (14 times 

median flow), it is possible there was a reduction of inoculum in the upper reaches of the Hutt 

River (the majority of which would have been scoured off the substrate and washed away during 

the flush), hence lengthening the re-colonisation period. There was no apparent effect of removing 

biofilm material from the re-sampled rocks, although the untouched rocks had a greater range in 

the percent cover. This was likely due to a single rock that had much higher percent coverage than 

the rest, disproportionately influencing the within-site average. Adding more rocks in the initial 

experimental analysis would better capture the true within-site variability in biofilm coverage and 

reduce the statistical effects of outliers in the data set.   

2.4.4. Conclusion 

Distinct and concordant phases of microbial community succession were identified in both micro-

algae and bacterial assemblages within the P. autumnale-dominated biofilms forming in the Hutt 

River. There is some indication of bacterial driven succession, potentially through alteration of 

physio- and bio-chemical conditions within the biofilm matrix, but most likely a combination of 

bacterial and algal drivers that create a feedback loop. The mechanisms of this warrant further 

investigation to determine the functional roles of bacteria throughout biofilm succession and 



57 
 

identify specific drivers of P. autumnale dominance, focusing on the fine-scale bio-chemical 

activities and/or allelopathic interactions within the biofilm matrix. 
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Chapter 3: Anatoxin production and variability during biofilm 

succession 
 

3.1 Introduction 

Cyanobacteria produce a range of secondary metabolites, many of which are toxic to humans and 

other animals (Carmichael, 2001). Collectively these are known as cyanotoxins and they can be 

produced by both planktonic and benthic species. The health risks posed to humans and animals 

by toxic cyanobacteria are now recognised worldwide (Chorus and Bartram, 1999). When 

conditions are favourable (e.g. high temperatures and abundant nutrients), cyanobacterial blooms 

can form, and the toxins produced during these events can have severe implications for aquatic 

organisms and human and animal users of these ecosystems. One of the most severe cases of 

human poisoning from cyanotoxins occurred in Brazil in 1996 when a hospital’s water supply was 

contaminated with cyanotoxins, leading to the death of 52 renal dialysis patients (Azevedo et al., 

2002). There have also been multiple cases of death or poisoning of domestic and wild animals 

after consumption of cyanobacteria. For example, in a Japanese lake, 20 ducks died of 

hepatotoxicity after a bloom of microcystin-producing Microcystis auriginosa and in an extreme 

case, over 10,000 livestock died during a massive bloom of neurotoxic Anabeana circinalis in the 

Darling River, Australia (Briand et al., 2003).  

In contrast to planktonic cyanobacteria, benthic species and their associated toxins are poorly 

studied, despite being linked to numerous animal deaths globally (Hamill, 2001, Mez et al., 1998, 

Gugger et al., 2005, Wood et al., 2007, Heath et al., 2011, Cadel-Six et al., 2007). Common species 

that dominate benthic biofilms include Oscillatoria, Phormidium, Leptolyngbya and Tychonema 

(Quiblier et al., 2013). Toxin production and/or toxicosis from benthic cyanobacteria has been 

reported from France (Gugger et al., 2005), Spain (Hurtado et al., 2008), the Netherlands (Fiore et 
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al., 2009), Switzerland (Mez et al., 1998), Scotland (Edwards et al., 1992), Ireland (James et al., 

1997), USA (Izaguirre et al., 2007), Canada (Lajeunesse et al., 2012), Australia (Seifert et al., 

2007), New Zealand (Wood et al., 2012a), Kenya (Krienitz et al., 2003), Egypt (Mohamed et al., 

2006) and the Baltic sea (Surakka et al., 2005). 

Over the last decade there has been an increase in the prevalence and intensity of benthic 

cyanobacterial blooms in New Zealand rivers (Milne and Watts, 2007, Wood and Young, 2012). 

This has primarily been identified due to increased reports of dog deaths after consumption of 

benthic cyanobacterial material (Hamill, 2001, Wood et al., 2007). As a result, New Zealand is 

one of the first nations to explore the biotic and abiotic variables that influence anatoxin production 

in benthic cyanobacteria.  

The first report of dog neurotoxicosis in New Zealand after ingestion of benthic cyanobacteria was 

in 1998 (Hamill, 2001). The cyanobacteria responsible were from the order Oscillatoriales. 

Subsequently, five dogs died in 2005 after visiting the Hutt River (Wellington, New Zealand). 

Analysis of stomach contents and cyanobacteria biofilms confirmed the presence of the potent 

neurotoxins anatoxin-a (ATX) and homoanatoxin-a (HTX). Phormidium autumnale 

(Oscillatoriales) was identified as the causative species (Wood et al., 2007). Further studies have 

shown  P. autumnale  is  dominant in toxic benthic cyanobacterial blooms  in New Zealand rivers 

(Heath et al., 2010). 

The majority of known cyanotoxins have been identified from benthic blooms, this includes 

hepatotoxins (microcystins; MC, nodularins and cylindrospermopsins) and neurotoxins (ATX, 

HTX and saxitoxins; STX; Quiblier et al., 2013) , and of these, MC and ATX are the most common 

(Edwards et al., 1992, Gugger et al., 2005, Quiblier et al., 2013, Wood et al., 2007). However, the 



60 
 

frequent detection of MC and ATX may be due to sampling biases and the availability of routine 

tests for these toxins. In New Zealand benthic blooms, ATX and HTX are the most commonly 

detected cyanotoxins (Heath et al., 2011, Milne and Watts, 2007, Wood et al., 2012b). Anatoxin-

a and HTX (its methylene homologue; Figure 3.1) are alkaloid toxins and potent neuromuscular 

blocking agents that act by binding to nicotinic acetylcholine receptors, causing symptoms that 

include convulsions, paralysis, hyper-salivation and respiratory arrest leading to death (Aráoz et 

al., 2010, Carmichael, 2001). Deaths and sub-lethal effects from ATX/HTX toxicosis have thus 

far been reported in mammals, birds, reptiles and fish (Aráoz et al., 2010, Osswald et al., 2009). 

The dihydrogen derivatives of ATX, dihydroanatoxin-a (dhATX) and dihydrohomoanatoxin-a 

(dhHTX), also bind to nicotinic acetylcholine receptors but have a ten-fold reduction in binding 

efficiency and are therefore much less toxic than ATX and HTX (Mann et al., 2012). Collectively, 

these different variants are referred to as anatoxins. 

 

Figure 3.1. Chemical structure of anatoxin-a and its methylene homolog homoanatoxin-a, 

adapted from Osswald et al. (2007). 

The function of toxins in both planktonic and benthic cyanobacteria is still unclear. A large amount 

of research has been undertaken on the regulation of toxin production and the ecological functions 

of the toxins for planktonic species – especially MC-producing Microcystis. Hypotheses for the 

Anatoxin-a Homoanatoxin-a 
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biological role of MC include defence against grazers (Lürling, 2003), gene regulation (Žegura et 

al., 2008), colony formation (Gan et al., 2012), scavenging of metals (Sevilla et al., 2008) and 

protein-modulation (Zilliges et al., 2011). In planktonic species, anatoxin production and the ratio 

of toxic to non-toxic strains are known to vary with changes in light intensity, temperature and 

carbon and nitrogen concentration (Gagnon and Pick, 2012, Rapala and Sivonen, 1998, Rapala et 

al., 1993); although none of these could be directly linked to functionality of anatoxins. There are 

a limited number of studies investigating the same questions in benthic cyanobacteria.  

Co-occurrence of toxic and non-toxic genotypes within the same bloom is well documented in 

planktonic species (Ballot et al., 2004, Wood, 2004, Wood et al., 2006). However, investigations 

of toxic and non-toxic genotypes in benthic blooms are scarce. Heath et al. (2010) found that only 

five of the seven P. autumnale strains isolated from environmental samples, which had tested 

positive for anatoxins via Liquid Chromatography-Mass Spectrometry (LC-MS), produced 

anatoxins in culture. Additionally, Cadel-Six et al. (2007) found that a strain of P. autumnale, 

isolated from the Tarn River in France, produced anatoxin although it was collected from a ‘non-

toxic’ biofilm. Wood et al. (2012b) demonstrated that toxic and non-toxic P. autumnale genotypes 

can occur in the same biofilm within a 1 cm2 area of mat, and that different toxic genotypes vary 

dramatically in the amount of anatoxin they produce. Quantitative molecular techniques may help 

determine variables that cause toxic and non-toxic P. autumnale genotypes to dominate, and 

establish how the relative abundances of genotypes relate to actual toxin concentrations within a 

biofilm. Furthermore, anatoxin production varies under different nutrient culturing conditions 

(Smith, 2012) and also among localities over time (Heath et al., 2011).  

Improved knowledge on the function of anatoxins in the environment and/or within biofilms 

requires further fine scale investigation to understand the relative quantities of toxic and non-toxic 
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genotypes within mats. The amounts of toxin produced, and the way they change through 

successional stages of biofilm development are currently unknown. This study is the first to apply 

a combination of molecular methods to environmental P. autumnale biofilm samples from an early 

stage in biofilm formation. This chapter uses quantitative molecular techniques to determine how 

the overall anatoxin production and proportion of toxic to non-toxic genotypes varied through 

biofilm development, and whether this variation is related to changes in biofilm community 

composition.  
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3.2 Methods 

Refer to Chapter 2 (section 2.2.1) for sample collection and storage methods for samples/data 

collected from Site 1 in the Hutt River between 9 February and 13 March 2013.  

3.2.1 Anatoxin extraction and analysis  

The 10 mL frozen biofilm samples from Site 1 were lyophilized (FreeZone6, Labconco, USA) and 

1 mL of Milli-Q water with 0.1% formic acid was added, followed by vortexing (30 s). Samples 

were sonicated (30 min, Cole Parmer 8890, Biolab, Auckland, NZ) on ice, centrifuged at 3000 × 

g, 10 min (Eppendorf, USA), and 1 mL of supernatant was transferred to a high performance liquid 

chromatography (HPLC) vial.  

Samples were analysed for ATX, HTX, dihydroATX and dihydroHTX at the Cawthron Institute, 

Nelson on a Quattro Premier XE mass spectrometer (Waters-Micromass, Manchester). ATX and 

HTX were separated by ultra-performance liquid chromatography (Acuity UPLC, Waters Corp., 

MA, USA) using a 50 × 0.1 mm Aquity BEH-C18 (1.7 µm) column (Waters Corp., MA). The 

mobile phase A (0.1% formic acid in water) and mobile phase B (0.1% formic acid in acetonitrile) 

were used at a flow of 0.3 mL min-1, isocratic for 1 min at 100% A followed by a gradient to 50% 

B over 2 min, with an injection volume of 5 µL. The mass spectrometer was operated in ESI+ 

mode with capillary voltage 0.5 kV, desolvation gas 900 L h-1 at 400 oC, cone gas 200 L h-1 and 

cone voltage 25 V. Quantitative analysis was performed by multiple reaction monitoring (MRM) 

using MS-MS channels set up for ATX (166.15 > 149.1; Retention time (Rt) 1 min), HTX (180.2 

> 163.15; Rt 1.9 min), dhATX (168.1 > 56; Rt 0.9 min) and dhHTX (182.1 > 57; Rt 1.9 min).  The 

instrument was calibrated with authentic standards of ATX (0.5– 20 ng mL-1; A.G. Scientific, 

USA) in 0.1% formic acid and assumed response factors of 1.0 to ATX were used for the other 

anatoxin variants.   
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3.2.2 Standard curve preparation 

A 10 mL aliquot of homogenized CAWBG32 culture was filtered (Whattman GF/C) and DNA 

extracted from the filter using a Power Biofilm® DNA Isolation Kit (MOBIO Laboratories, USA) 

following the manufacturer’s instructions. A 50 µL stock solution of CAWBG32 DNA, at 11 ng 

µL-1 was serially diluted (1.1, 0.11, 0.011, 0.0011 ng µL-1). To estimate cell concentrations, a 

sample of CAWBG32 strain was homogenised (LabServ D130) and a 1 mL aliquot transferred to 

a 1.5 mL eppendorf tube and preserved with Lugol’s iodine solution. A 100 µL aliquot of the 

preserved sample was transferred with 1-6 mL Milli-Q to an Utermöhl chamber (Utermöhl, 1958) 

and enumerated by measuring filament lengths of at least 100 filaments within transects (23 × 

0.185 mm) of the chamber, at 400 x magnification using a CKX41 inverted microscope (Olympus, 

Tokyo). Cell numbers in the measured filaments were estimated by taking the mean length and 

width of 40 cells from 14 different filaments at high power (1000 x magnification) using a BX51 

compound microscope (Olympus, Tokyo). 

3.2.3 Quantitative Polymerase Chain Reaction (QPCR) Analysis 

An internal-control assay to test for PCR inhibition was run in a separate 12.5 µL reaction mix 

containing 2×Rotor Gene Probe PCR master mix (6.25 μL, Qiagen),  primers targeting the internal 

transcribed spacer region 2 of the rRNA gene operon of chum salmon, Oncorhynchus keta (0.4 

µM Sketa F2 and Sketa R3; (Haugland et al., 2005), TaqMan probe (Haugland et al., 2005) 

synthesized with a CAL fluor red 610 reporter dye at the 5´-end and a Black Hole Quencher 2 at 

the 3´-end (0.2 µM; Biosearch Technologies, United States),  salmon sperm DNA (15 ng; Sigma, 

United States) and sample DNA (1 µL). Samples were analysed in duplicate on a Rotor-Gene 6000 

real-time rotary analyser (Qiagen, Netherlands). Reaction mixtures were held at 95 °C for 3 min, 

followed by 50 cycles at 95 °C for 3 sec and 58 °C for 10 s.  
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Biofilm samples were screened for the anaC region, a part of the ana gene cluster involved in 

anatoxin synthesis, using the primers anaC-gen-F (5’- TCTGGTATTCAGTCCCCTCTAT- 3’) 

and anaC-gen-R (5’- CCCAATAGCCTGTCATCAA- 3’; Rantala-Ylinen, 2011). Reactions were 

performed in 12 µL volumes with the reaction mixture containing 6.25 µL of 2×Rotor-Gene SYBR 

Green PCR Master Mix, 1 µM of each primer, 2.75 µL of Bovine Serum Albumen (BSA) and 1-

2 µL of each dilution of template DNA and run in duplicate on a Rotor-Gene 6000 real-time rotary 

analyser (Qiagen, Netherlands). The reaction mixture was held at 95 °C for 5 min followed by 40 

cycles of 95 °C for 55 s and 60 °C for 10 s, followed by a melt step from 70-90 °C rising by 0.5 

°C. Amplification curves were visualised using the Rotor-Gene 6000 software. Quantification was 

based on a calibration curve produced from a dilution-series of DNA extracted from a pure culture 

of Phormidium strain CAWBG32.  

Preliminary analysis of anatoxin production in the biofilms sampled from Site 1 between 9 

February and 13 March (2013), calculated by dividing total anatoxin (the sum of all anatoxin 

variant compounds detected; tATX) concentrations from the UPLC-MS data by the total number 

of P. autumnale cells (i.e. assuming that all cells are toxin-producers), found high levels (> 10 fold 

increase) of ATX per cell on day 4 and 8. Subsequently, a separate sample collection was carried 

out to further investigate anatoxin production in this early growth phase and is described in the 

next section (3.2.3). Anatoxin concentrations per cell, assuming only some cells are toxin-

producers, were calculated by dividing the tATXs in each sample (as determined from the UPLC-

MS analysis) by the total number of toxic cells estimated from the QPCR analysis (the same 

biofilm sample was used for both of these analyses). Total P. autumnale cells counts from Site 1 

(Chapter 2) were used to estimate the ratio of anatoxin-producing cells to non-anatoxin-producing 

cells over time. 
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3.2.4 Case study: Early anatoxin production  

A separate sample collection at Site 3 (Figure 2.1, Chapter 2) was conducted in November 2013 

over 6 days, after the main sample collection in February/March, as a brief investigation into the 

variation of anatoxin production in the very early stages of biofilm succession. A flushing flow 

occurred on 7 November 2013 and sampling began on 20 November (once the flow had reduced 

to < 10 m s-1 and it was therefore safe to work in the river). Samples were collected every second 

day until 26 November 2013. Biofilm samples were taken from five randomly selected rocks of a 

similar size (cobble) and the entire top surface of the rock swabbed using sterile Whirl-pak™ 

Speci-sponges™ (Nasco) and placed in separate sterile Whirl-pak™ bags. The sponges were 

transport chilled (4 °C) to the laboratory and frozen (-20 °C) for later molecular and toxin analysis. 

To remove biofilm material from the Speci-sponges™ (see Chapter 2), 30 mL of Milli-Q water 

was added to the Whirl-pak™ bags and these were macerated using a Colworth 400 laboratory 

stomacher (AJ Seward, UK) for 2 mins; any material remaining on the sponge was removed with 

tweezers, and the suspended material transferred to 50 mL Falcon tubes. A 10 mL aliquot was then 

transferred into a 15 mL Falcon tube and prepared for toxin analysis as described in Section 3.2.1. 

The remaining material was centrifuged (3 000 × g, 15 mins), the supernatant discarded and pellet 

transferred to a 1.5 mL Eppendorf tube. Samples with large amounts of material were centrifuged 

1 to 2 more times (3 000 × g, 15 mins), discarding supernatant after each centrifugation, until 

material formed a cohesive pellet. Wet weights were obtained for each sample and up to 25 mg 

transferred to Power Bead tubes for DNA extraction using a Power Biofilm® DNA Isolation Kit 

(MOBIO Laboratories, USA) following the manufacturer’s instructions. DNA samples were 

screened for the anaC region via the method described in Section 3.2.2. 
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3.2.5 Statistical Analysis 

The tATXs per cell data was binned into three groups according to the three successional phases 

identified from the micro-algal and bacterial cluster analyses in Chapter 2 (section 2.3.3), and a 

one-way ANOVA was used to test for differences in mean tATXs (fg cell-1). A post-hoc Bonferroni 

test was used to test for pairwise differences between each group. Data were log transformed prior 

to analysis to meet the assumptions of normality and homogenous variances. This grouping 

method could not be applied for the bacterial succession phases identified from the cluster analysis 

in Chapter 2 section 2.3.4 due to insufficient sample replication, and was therefore not used for 

this analysis.  

Mantel’s tests (Mantel, 1967) were used to test for autocorrelations between the micro-algal 

community composition and anatoxin variants, and the bacterial community composition and 

anatoxin variants over time, using the anatoxin data from the UPLC-MS. Bray-Curtis distances 

were computed for all three data sets and the standardised Mantel statistic (r) computed between 

Bray-Curtis dissimilarities of micro-algal and anatoxin composition and bacterial and anatoxin 

composition. The significance of r was tested using 9,999 permutations and the analysis was run 

using the mantel function within the vegan program in the R software package version 3.0.1 (R 

Development Core Team, 2010). 
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3.3 Results 

3.3.1 Quantitative anatoxin production analysis   

Toxins were detected in all samples collected from Site 1 between 9 February and 13 March 2013, 

except those from day 10. Three of the four known variants (ATX, HTX and dhATX) were 

detected (Figure 3.2); HTX was detected throughout the study period, ATX was only detected in 

the early stages (day 4 to 16), while dhATX was mostly detected from day 22 to 36. 

 

Figure 3.2 Mean proportion of anatoxin variants detected via ultra-performance liquid 

chromatography-mass spectrometry at each sample point from Site 1 between 9 February and 13 

March (n = 3). Note dhHTX was not detected in any of the samples. 

 

The highest level of tATXs per cell was found on day 24 (208 fg cell-1), which was greater than 

two-fold of that measured in the preceding days (Figure 3.3). Before this peak, tATXs ranged from 

85 to 36 fg cell-1 between day 4 and 20; following the peak, between day 30 and 36, tATXs ranged 

between 41 and 5 fg cell-1.  
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Figure 3.3 Mean total anatoxins (sum of anatoxin-a, homoanatoxin-a, dihydroanatoxin-a; tATXs) 

per cell (fg) based on number of anaC genes as measured by QPCR analysis and mean tATXs (pg) 

in the area of rock sampled (255 mm2) based on ultra-performance liquid chromatography-mass 

spectrometry analysis. Data are from Site 1 between 9 February and 13 March 2013. Values for 

days 24 to 36 are means (n = 2) with error bars showing 1 standard error.   

 

The proportion of toxic to non-toxic cells was greatest at the beginning of the sampling period, 

with 30% of all cells positive for the ana-C gene (Figure 3.4). This reduced sharply to < 1% toxic 

cells from day 16 until day 36 when this increased slightly to ca. 4%. The greatest number of toxic 

cells were observed on day 36, with between 323-664 cells mm2 (Figure 3.4).  
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Figure 3.4 Proportion of toxic (dark blue) and non-toxic (orange) cells mm2, and total toxic cells 

(black line) from individual samples (n = 1) from Site 1, between 9 February and 13 March 2013. 

Toxic cells were estimated from QPCR analysis and total cells were estimated by microscopy 

(Chapter 2).  

 

The ANOVA showed a significant difference in tATXs over time (df = 2, 8, F = 5.35, p = 0.034). 

Total anatoxin per cell was moderate (70-85 fg cell-1) in the early phase (A) of succession and 

increased three-fold to 208 fg cell-1 in the mid phase (B), but followed a general decreasing trend 

over time. No significant difference was found between groups A and B or A and C (p > 0.05; 

Figure 3.5) but there was a significant difference between group B and C (p = 0.048). Mantel’s 

tests showed that changes in ATX variant composition correlated with changes in both the micro-

algal (r = 0.34, p = 0.0003) and bacterial (r = 0.35, p = 0.0001) communities over time.  
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Figure 3.5 Mean biovolumes by taxon (n = 3) over time (estimated from microscope 

identifications, left axis, Chapter 2), and mean total anatoxins (sum of anatoxin-a, homoanatoxin-

a, dihydroanatoxin-a; tATXs) per cell (fg) based on number of anaC genes as measured by QPCR 

analysis (n = 1-5, right axis). Data from Site 1 between 9 February and 13 March 2013. Dashed 

lines represent partitions between early (A), mid (B) and late (C) phases of micro-algal succession 

(defined from cluster analysis, Chapter 2).  

 

3.3.2 Early anatoxin production 

Anatoxins concentrations from Site 1 between 9 February and 13 March, estimated using total cell 

numbers, showed high tATXs per cell (3-32 fg cell-1) that were an order of magnitude higher in 

the first 8 days after the peak flow relative to the rest of the sampling period (Figure 3.6). This 

prompted further investigation the following season at Site 3 in early summer to confirm these 

extreme differences in magnitude of early ATX production. 
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Figure 3.6 Mean total anatoxins (sum of anatoxin-a, homoanatoxin-a, dihydroanatoxin-a; tATXs) 

per cell estimates from UPLC-MS and total cell numbers from microscopy data (assuming all cells 

are toxin-producers). Data from Site 1 collected between 9 February and 13 March 2013. Inset 

shows days that are an order of magnitude lower than days 4 and 8; no anatoxins were detected on 

day 10, axes units are the same for both graphs. Error bars displaying one standard error (n = 3). 

 

 

Figure 3.7. Mean daily flow data from 3 November to 31 December 2013, showing the sampling 

period in early summer (shaded area). Dotted line shows the yearly median flow measured at the 

Greater Wellington Regional Council gauging site at Taita Gorge (GWRC 3, Figure 2.1, Chapter 

2). Day 0 was set at the peak of the flushing flow. 
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From this six day sampling period (Figure 3.7) in early summer 2013, anatoxins were only detected 

in four of the twenty samples after analysis by UPLC-MS (Table 3.3); these were composed 

entirely of dhATX. Two samples tested positive for the anaC gene via QPCR, one of which also 

tested positive for anatoxins via UPLC-MS (Table 3.3). Green algae were the main organism 

observed covering the bottom substrate, with minute amounts of P. autumnale biofilm visible on 

day 19. Hence, no trends in the early production of anatoxins was discernable. 

 

Table 3.3 Total anatoxins (tATXs; pg) detected in individual samples via UPLC-MS, with the 

presence/absence of anaC gene via QPCR analysis. Data from case study at Site 3 in early summer 

2013. ND = not detected. 

 Rock  
UPLC-MS: 

tATXs in sample (pg) 

QPCR: 

ATX present 

Day 13 1-5 ND − 

Day 15 1-5 ND − 

Day 17 

 

 

 

1 16 − 

2 12 − 

3 28 − 

4 0 − 

5 0 + 

Day 19 1 18 + 
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3.4 Discussion 

3.4.1 Anatoxin variability throughout Phormidium biofilm succession 

The ecological function of anatoxins and the factors regulating production remain poorly 

understood. Some possibilities include nutrient and light stress responses (Harland et al., 2013, 

Mitrovic et al., 2004). In addition, production of MC toxin can affect the growth and development 

of surrounding organisms – a phenomenon called allelopathy (Kearns and Hunter, 2000). This type 

of bio-chemical interaction has never been studied in P. autumnale. 

There was an up-regulation of tATX production per cell between day 20 and 24; this coincided 

with the beginning of rapid P. autumnale growth and a large increase in diatom biomass (Figure 

3.4), which could indicate an allelopathic response to increased settlement of diatom cells. A 

similar response was reported in MC-producing Microcystis spp. that reduced dinoflagellate cell 

densities (Vardi et al., 2002). There was a significant correlation between the community 

composition and anatoxin variant composition for both micro-algal and bacterial communities, 

suggesting that changes in community composition may affect the variants being produced or vice 

versa. It is unclear whether this correlation is a direct response to other biofilm microbes or a 

consequence of changing bio-chemical conditions associated with the change in microbes 

throughout succession. The former would suggest an allelopathic role for tATXs.  Anatoxin 

production has been implicated in allelopathic interactions in other cyanobacteria, for example, 

the planktonic cyanobacteria Anabeana flos-aqua caused paralysis in the motile green alga 

Chlamydomonas reinhardtii that induced settling of the cells – a means of reducing competition 

for space and resources in the water column (Kearns and Hunter, 2001).  

However, it is unknown whether anatoxins are exported out of the cell in P. autumnale. If this 

were the case, it is much more likely that anatoxins are involved in cell signalling or negative/toxic 
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allelopathic activity; while retention of anatoxins within the cells would suggest an intracellular 

metabolic function. To date, detection of extracellular anatoxins are thought to be a result of cell 

lysis (Harland et al., 2013) and no exportation pathway has been identified. Production of 

anatoxins by P. autumnale has never been investigated specifically as a cell-cell communication 

molecule and further investigations of anatoxin regulation in benthic cyanobacteria from in situ 

field studies are needed. 

3.4.2 Quantitative analysis of anatoxin production  

Studies of previous P. autumnale blooms in rivers around New Zealand have demonstrated that 

the rate of anatoxin production and the proportions of toxic to non-toxic genotypes is highly 

variable at fine spatial scales (10-1,000 mm2; Wood et al., 2010, Wood et al., 2012b) . Similarly, 

in this study, samples taken from 255 mm2 areas contained both anatoxin- and non-anatoxin-

producing strains (from comparisons of cell counts via QPCR and microscopy). Toxic strains of 

P. autumnale isolated from New Zealand rivers in two previous studies differed in their responses 

to varied N and P (Heath et al., unpublished), and iron and copper (Harland et al., 2013) 

concentrations in controlled culture conditions. In Heath et al. (unpublished), tATXs per cell were 

greatest in the early lag phase (3 to 6 days post-inoculation), while Harland et al. (2013) reported 

a peak in tATXs in the early exponential growth phase (between 0 and 20 days post-inoculation) 

for all treatments. Early anatoxin production could indicate a role for anatoxins in biofilm 

formation, and possibly adhesion to the substrate.   

In the current study, tATXs were produced throughout the sampling period (except day 10) at 

varying concentrations per cell and peaked on day 24 (208 fg cell-1) during the exponential growth 

phase, with a general trend of decreasing tATXs over time. There was no statistically significant 

difference in tATXs per cell between the early- and mid-phase of micro-algal succession, but there 
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was a significant difference between the mid- and late-phases. These results are preliminary as 

there was low replication in the QPCR data; however, studies of anatoxin production in other 

cyanobacteria (Anabaena and Aphanizomenon species) also report maximum tATX production 

during the exponential growth phase followed by a decrease in the stationary phase (Osswald et 

al., 2007).  

Unlike the previous studies that were all culture-based, the current study was conducted in situ, 

and for the first time shows variation in anatoxin production when P. autumnale is exposed to 

natural fluctuations in environmental conditions and biotic influences (e.g., competition, bacterial 

enzyme activity and grazing). It is possible that anatoxins are produced as a response to 

colonization/spread of other microbes throughout the biofilm, particularly considering many 

cyanotoxins are thought to have an allelopathic role (Leflaive and Ten-Hage, 2007). Further in situ 

studies or multi-species culture studies are needed to identify any acute responses in anatoxin 

production to other biofilm microbes.  

The two culture-based studies (Heath et al., unpublished, Harland et al., 2013) also reported 

different proportions of anatoxin variants over time. Heath et al. (unpublished) mainly detected 

dhATX and dhHTX with minute amounts of HTX and no ATX. Conversely, Harland et al. 

predominantly detected ATX and only occasionally detected dhATX in low concentrations, while 

HTX and dhHTX were not detected. Unlike those studies, here, ATX and HTX were both produced 

in the early stages (day 4 to 16) but no ATX was detected thereafter, only HTX was detected on 

days 18 and 20 and dhATX appeared after day 22. Very little is known of the regulation and 

functional roles of the various anatoxin congeners. The dihydro-derivatives were thought to be 

degradation products of ATX and HTX that break down rapidly in sunlight and high pH (Smith 

and Lewis, 1987, James et al., 1998) and are less toxic, with a 10-fold decrease in nicotinic receptor 
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binding efficiency (Mann et al., 2012). This limited understanding of the tATX variants restricts 

the interpretation of these results, but suggest further study of the molecular pathways leading to 

production of these variants, particularly the dihydro-derivatives, is necessary.  

Harland et al. (2013) were able to conclusively prove that variations in nutrient levels directly 

affected anatoxin production, which were most likely indirectly influenced via changes in cell 

abundances. Likewise, in a concurrent study (reported in Chapter 2), water nutrient levels at Site 

1 did not change over time and were therefore considered to be unrelated to anatoxin production. 

It is possible that biologically-available nutrients within the biofilm matrix can differ to that of the 

bulk water through changes in dissolved oxygen and pH (Wood and Young, 2012), however this 

was not tested in the present study and therefore nutrients cannot be ruled out as an influential 

factor. Further in situ studies using quantitative molecular methods should focus on changes in 

nutrient availability within the biofilm matrix to determine the role of nutrients in relation to 

anatoxin production and regulation. 

3.4.3 Early ATX production case study  

High levels of tATXs per cell in observed early biofilm development in the February-March 

samples were also observed in the culture-based study of Harland et al. (2013), but because the 

current study is the first to monitor anatoxin production from un-manipulated P. autumnale 

biofilms in situ, a second sample collection was carried out to confirm this early anatoxin 

production. Site 3 was selected for this sample collection due to high biofilm coverage observed 

during previous P. autumnale blooms in the Hutt River (Heath et al., 2011, Milne and Watts, 

2007). However, during this study there were no P. autumnale blooms and green algae was 

generally dominant. 
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Unfortunately, the river flow did not decrease to safe levels for working in (< 10 m s-1) until 13 

days after the peak flow, thus the early colonization phase that was the target of the investigation 

was potentially missed. However, flows above 12 m s-1 are considered high enough to remove 

biofilms from the substrate and may have prolonged the early colonization phase. The dominance 

of green algae in the biofilms may have been due to the difference in flow regime, where a longer 

period of higher flows favoured different micro-algae and led to a different succession of microbes. 

To date, P. autumnale is the only known benthic tATX producer in New Zealand so it is assumed 

that it was responsible for the anatoxins detected in the November samples.  

From this brief study of anatoxin production in early biofilm formation, we were not able to 

confirm the findings from the first sample collection due to differences in the biofilm community 

and the flow regime. However, this did test the ability of the UPLC-MS method to detect minute 

amounts of anatoxins within a large biomass of green algae, while also comparing this method to 

the QPCR method. The UPLC-MS appeared to be more sensitive to detecting anatoxin production 

than QPCR, although both are more powerful in synergy – allowing for estimation of the 

proportion of toxin-producers. 
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Chapter 4: General discussion 

The prevalence and intensity of P. autumnale-dominated benthic blooms has increased in New 

Zealand over the last decade (Hamill, 2001, Wood et al., 2007, Heath et al., 2010). This has at least 

partly became evident due to the numerous dog deaths associated with these blooms, prompting 

investigation into the factors affecting growth and dominance of this neurotoxin-producing 

cyanobacteria (Hamill, 2001, Heath et al., 2010, Milne and Watts, 2007, Wood, 2004, Wood et al., 

2006, Wood et al., 2007). Other microbes occur within these biofilms (Heath et al., 2010) but until 

the present study, these had not been characterized and changes in the composition of microbes 

throughout biofilm formation were unknown. Phormidium autumnale biofilms in New Zealand 

contain toxic and non-toxic P. autumnale strains (Wood et al., 2010, Wood et al., 2012b), but 

factors affecting the proportions of each within biofilms have not previously been identified. The 

knowledge gained in these two areas from this study will help determine how P. autumnale 

dominate these biofilms and whether there are any patterns in toxin production and variation in 

toxic/non-toxic genotypes associated with biofilm succession. 

This thesis has: 

1. Characterised the successional development of microalgae in the P. autumnale dominated 

biofilms of the Hutt River via microscopy. 

2. Investigated how bacterial communities vary throughout biofilm succession using ARISA 

and Next-Generation Sequencing, and inferred potential relationships between P. 

autumnale and other biofilm microbes.  
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3. Explored the variation in anatoxin production and anatoxin-producing variants throughout 

biofilm succession to facilitate an improved understanding of the biological function(s) 

of anatoxin production. 

 

4.1 Microbial succession and relationships among biofilm components 

The succession of microbes and their role in benthic bloom formation are poorly understood 

despite the risks benthic blooms pose to human and animal health (Quiblier et al., 2013). Chapter 

2 investigated the succession of micro-algal and bacterial communities within P. autumnale-

dominated biofilms in the Hutt River, Wellington. Three distinct phases of succession were 

identified for both micro-algae and bacteria, occurring within very similar time periods. These 

were identified using three separate methods of analysis (morphological identification, ARISA and 

Illumina™ sequencing). The environmental parameters measured showed no trends in relation to 

community composition for either micro-algae or bacteria, suggesting that intrinsic rather than 

extrinsic factors are more important in determining biofilm composition.  

Phormidium autumnale became dominant from day 12 of succession, during the early growth 

phase, and the exponential growth phase coincided with an influx of diatoms from day 20 that 

subsided after day 30 – indicating a potential competitive interaction between P. autumnale and 

diatoms. Microbes often produce secondary metabolites that affect the growth and development 

of their competitors, a process called allelopathy (Leflaive et al., 2008); some secondary 

metabolites are also toxic to other organisms, including mammals (Leflaive and Ten-Hage, 2007). 

Chapter 3 examined the production of anatoxins by P. autumnale throughout biofilm succession 

and identified a peak in anatoxins per cell on day 24, followed by a sharp reduction in the late 

phase. The occurrence of high anatoxin production just four days after the influx of diatoms, 
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coupled with a simultaneous reduction in diatoms and anatoxins, provides evidence of an 

allelopathic role for anatoxins. The functional role of most cyanotoxins is still largely unknown 

but hypotheses often implicate them as allelopathic or cell-cell signalling molecules (Kearns and 

Hunter, 2000). Quorum sensing (chemical signalling correlated to cell density) is important in 

bacterial biofilm formation (Hammer and Bassler, 2003) and this could be another possible 

function of anatoxins. However, the use of quorum sensing in cyanobacteria is poorly studied and 

so far only reported in the colony-forming cyanobacteria Gloeothece (Sharif et al., 2008). Further 

study of anatoxin regulation and transport pathways is necessary to investigate this idea. 

Bacterial quorum sensing is possibly involved in the formation of the biofilms in this study, most 

likely via the Proteobacteria (Miller and Bassler, 2001), of which the Alpha- and 

Betaproteobacteria were the most abundant. Some bacteria regulate the transcription of genes 

involved in exopolysaccharide production via quorum sensing (Hammer and Bassler, 2003). The 

Alphaproteobacteria Sphingomonas produces exopolysaccharides (Azeredo and Oliveira, 2000) 

and was present throughout succession but was most abundant in early biofilm development, 

where exopolysaccharides are important in providing a suitable surface for cell attachment. Hence, 

Sphingomonas may be an essential component in early biofilm formation and provides evidence 

of quorum sensing in P. autumnale-dominated biofilms. 

Proteobacteria, including Alpha-, Beta- and Gammaproteobacteria, are often dominant bacterial 

components of stream biofilms (Manz et al., 1999, Pohlon et al., 2010), as they were in this study. 

The proportion of bacterial groups changes over time and throughout succession, and is variable 

in different river systems (Manz et al., 1999). In this study, Alphaproteobacteria were the most 

dominant group in the early biofilm, while Betaproteobacteria and Flavobacteria were dominant 

from mid to late succession. Flavobacteria are commonly involved in degradation of biopolymers, 
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such as cellulose, chitin, polysaccharides and nucleic acids (Bernardet and Bowman, 2006, 

Kirchman, 2002), hence their abundance in late succession is probably linked to the break-down 

of cell contents from lysis, as well as the degradation of the biofilm exopolysaccharide matrix. 

High levels of growth and low levels of DRP observed in this study and several other studies of P. 

autumnale blooms in New Zealand (Heath et al., 2011, Wood et al., 2012b, Wood and Young, 

2012) indicate that P. autumnale is obtaining P from sources other than the overlaying water. 

Access to additional P sources via alkaline phosphatase activity in P. autumnale and/or other 

biofilm bacteria is a possible mechanism to explain this (Wood and Young, 2012). Bacteria that 

produce alkaline phosphatase were present throughout biofilm succession, suggesting that this is 

an essential process occurring within the biofilms. Whether alkaline phosphatase is the linking 

factor between the micro-algal and bacterial communities is yet to be determined and should be 

the focus of further study to determine how P. autumnale become dominant in benthic 

communities. 

In addition to a decrease in cellular production of anatoxins, chemical degradation can alter the 

toxin levels within biofilms and several factors may contribute to the break-down of anatoxin 

molecules, such as exposure to UV light, increased pH, cell lysis or bacterial bioremediation 

(Osswald et al., 2007, Afzal et al., 2010, Rapala et al., 1994). It is possible that there was increased 

shading of toxic cells due to increased microbial biomass in the mid-phase, which prevented the 

degradation of anatoxins and contributed to the peak in anatoxins found on day 24. Furthermore, 

the reduction in anatoxin after this point could be due to increased cell lysis as the biofilm matures. 

Conversely, Sphingomonas was present throughout biofilm succession and some species of this 

genus have the ability to degrade MC (Azeredo and Oliveira, 2000). All of the known MC-

degrading bacteria are Gram-negative Proteobacteria; all dominant bacteria identified in this study 
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were Gram-negative and most were of the Alpha- and Betaproteobacteria classes. Hence, it is 

possible that some biofilm components may degrade anatoxins and further study is needed. 

There is a paucity of information on the production and regulation of the different anatoxin 

dihydro-derivatives (dhATX and dhHTX), which have been suggested as natural break-down 

products of ATX and HTX (Stevens and Krieger, 1991). In Chapter 3, changes in the proportions 

of the anatoxin variants aligned with the three phases of microbial succession identified in Chapter 

2; showing a loss of ATX and gain of dhATX production as succession progressed. This coupling 

of anatoxin variants and microbial community composition presents a possibility that one or more 

of the bacterial components are capable of degrading some or all of the anatoxin variants. 

Likewise, the coupling with the micro-algal community could indicate differing roles for the 

different anatoxin variants in response to algal colonisers.  

4.2 Conclusions  

There are three distinct phases of succession occurring for both the micro-algal and bacterial 

communities and these phases become increasingly similar over time. Phormidium autumnale 

dominates benthic biofilms in the Hutt River from an early stage in their succession and is able to 

grow rapidly in the presence of other colonizing microbes. In this study the production of anatoxins 

was higher in the early-mid phases of biofilm development and may play a role in reducing the 

negative effects of competing microbes, for example, as an allelopathic response. Bacterial 

exopolysaccharide and alkaline phosphatase producers were prominent throughout biofilm 

succession and are likely to be important in assisting attachment to the substrate and maintaining 

P. autumnale growth. Biopolymer-degrading Flavobacteria were dominant in late succession and 

likely metabolise algal cellular by-products and contribute to biofilm detachment. A clear pattern 
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of microbial succession is described here and linkages between the micro-algal and bacterial 

communities are evident. 

4.3  Limitations of the study 

Sample sizes in both the community succession analyses and anatoxin analyses were relatively 

low. This reflects the time-consuming nature of morphological identifications and the step-wise 

approach used for genetic screening of the bacterial communities. It was necessary to first identify 

the presence of a pattern in bacterial communities over time via ARISA, which was then followed 

up by the more detailed (but more expensive) Illumina™ sequencing method.  

The method of analysis used for estimating proportions of toxic and non-toxic cells may have been 

a limitation, as one sample needed to be preserved for the cell counts and a separate sample used 

for QPCR analysis. However, there is currently no QPCR assay designed for a single copy gene 

specific to P. autumnale that could be used to estimate total cell numbers via molecular methods 

such as QPCR. Development of this would enable a more accurate and comparative estimate of 

intracellular toxins and proportions of toxic to non-toxic cells. 

It was not possible to sample the river substrate directly following the flushing flow for safety 

reasons. Microbes are able to rapidly colonise substrates after clearance and hence some of the 

very first community changes may have been missed in this study. Although, the microbes may 

not be present at a detectable level at such an early stage. It may be possible to replicate these 

conditions in an experimental flume set-up, and this could be an avenue for potential future 

research.  

No effect on substrate cover was identified from the biofilm sampling technique used in this study. 

It is unlikely that this method affected the succession of microbes temporally or compositionally 
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because the biofilm was only just evident two weeks after the flushing flow. Alternatively, other 

less destructive methods for measuring benthic biomass could be used; for example, the BBE 

Bentho Torch (Envitech Ltd., Cardiff, UK), which uses the in vivo fluorescence of algal cells to 

measure benthic algal concentrations in situ. However, the Bentho Torch is limited to 

cyanobacteria, green algae and diatoms and initial studies show poor relationships between 

measurements and morphological identifications/biovolumes, especially as biofilms become 

thicker (I. M. Echenique-Subiabre, pers. comm.).      

4.4 Future directions 

The analysis of the bacterial community identified the presence of several important metabolic 

functions possibly occurring within the P. autumnale-dominate biofilms, including alkaline 

phosphatase, quorum sensing and degradation of anatoxins. Several of the bacteria identified 

within the biofilms in this study may interact with P. autumnale to facilitate its dominance. 

Alkaline phosphatase activity was a common feature of the bacteria found throughout biofilm 

succession, although there were multiple possible producers of alkaline phosphatase present, 

including cyanobacteria. Further fine-scale investigations of possible phosphatase activity and pH 

changes within the biofilm matrix are needed to determine the role of alkaline phosphatase in the 

dominance of P. autumnale. Metatranscriptomics is the study of the actively transcribed ribosomal 

and messenger RNA within a given community (Gilbert and Hughes, 2011), and this would be 

useful in identifying the metabolic processes occurring during biofilm succession to determine 

which microbes are important in the various stages of development.  

The use of high through-put sequencing, such as Illumina™, is relatively recent and is still an 

expensive option compared to conventional microscopy. Other less costly methods of community 

characterisation are still effective, including pulse amplitude modulation (PAM) and QPCR 
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(refined from methods used here). Pulse amplitude modulation could also be used as a proxy for 

cell health and to assess photosynthetic efficiency at different stages of succession. 

The biofilms analysed in this thesis were those specifically dominated by P. autumnale. However, 

similar analysis of biofilms not dominated by P. autumnale, such as those where green algae are 

dominant, may provide information on the specific conditions that allow this neurotoxic 

cyanobacteria to proliferate in systems like the Hutt River.  

As meteorological systems change in relation to climatic events, it is possible that flow regimes in 

the Hutt River will also vary (Dore, 2005). Hence, further study of microbial succession in the 

Hutt River under varied flow regimes could help determine why the occurrence of P. autumnale 

blooms have increased and to predict the occurrence of toxic blooms under future climate change 

scenarios. 
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Appendix 

 

Appendix 1 Proportion of each diatom genus comprising the total biovolume of diatoms from 

Site 1, sampled between 9 February and 13 March 2013 (n = 3). 

 

Appendix 2 One-Way Analysis of Variance for micro-algal diversity (H'). 

 df SS MS F Significance Obs. Power 

Day 8 0.753 0.094 2.103 0.091 0.657 

Residual (error) 18 0.805 0.045    

Total 27 9.293     

 

Appendix 3 One-Way Analysis of Variance for bacterial (ARISA peaks) diversity (H'). 

 df SS MS F Significance Obs. Power 

Day 8 0.116 0.015 0.46 0.868 0.158 

Residual (error) 18 0.568 0.032    
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Total 27 28.492     

 

Appendix 4 Samples from Site 1 that were successfully extracted, PCR amplified, purified and 

sent for MiSeq Illumina™ sequencing. Results from this analysis were not received in time for 

inclusion in this thesis.  

 Rock # DNA volume 

amplified 

(µL) 

DNA 

Concentration 

(ng/µL) 

D8 3 6 4.06 

5 6 2.82 

D12 2 3 2.78 

3 5 4.36 

5 6 2.06 

D16 2 3 13.3 

3 3 11 

D20 2 3 19.4 

3 6 5.3 

D24 2 3 22.8 

3 3 15 

5 5 10.9 

D30 2 3 6.26 

3 5 12.1 

5 5 15.5 

D33 3 3 18.6 

D36 3 3 26 

5 2 17.2 

 



 

Appendix 5 Summary of average (n = 3) micro-algal biovolumes (µm3 mm2; unshaded rows) and cell concentrations (cells mm2; 

shaded rows) for each taxon; sampled from Site 1 between 9 February and 13 March 2013. 

 Day 

 4 8 12 16 20 24 30 33 36 

Cyanobacteria          

Phormdium 

autumnale 

1,323 6,470 179,553 231,887 1,045,367 15,199,59 2,304,064 2,601,695 1,824,868 

14 67 1,986 2401 10,823 15,736 23,854 26,935 18,893 

Leptolyngbya 
132 9 0 583 0 0 2,927 1,661 9,403 

35 2 0 154 0 0 775 440 2,490 

Merismopedia 
0 0 0 0 0 0 459 0 0 

0 0 0 0 0 0 143 0 0 

Heteroleibleinia 
3,670 1,371 23,170 6,894 189,436 213,256 17,486 2,211 0 

1,197 447 7,556 2,248 61,778 69,546 5,703 721 0 

Green Algae          

Stigeoclonium 
143 0 0 1,294 28,951 4,975 6,605 0 0 

1 0 0 5 119 20 27 0 0 

Diatoms          

Cymbella 
0 628 0 8,952 81,089 118,772 26,886 26,886 101,604 

0 1 0 10 88 125 75 115 111 

Gomphonema 109 106 684 651 22,814 23,427 31,836 4,222 3,579 



1 
 

2 2 14 13 460 473 642 85 72 

Fragilaria 
217 2,190 2,377 10,994 993,812 303,369 296,207 119,778 50,757 

0 4 4 20 1,792 547 534 216 92 

Synedra 
0 5,822 0 0 622,838 238,504 528,754 82,794 39,045 

0 1 0 0 78 30 66 10 5 

Navicula 
497 9,769 0 0 17,898 0 456,588 0 0 

0 3 0 0 5 0 135 0 0 

Encyonema 
0 182 331 993 113,112 94,628 128,994 86,378 10,852 

0 0 0 1 151 126 172 115 14 

Gomphoneis 
0 108 0 0 0 9,786 4,619 4,994 0 

0 0 0 0 0 20 9 10 0 

Melosira 
0 1,369 0 10,838 28,202 0 487,062 0 27,538 

0 0 0 2 5 0 86 0 5 

Cocconeis 
641 423 1,078 0 4,362 8,775 37,561 0 0 

1 0 1 0 5 10 43 0 0 

Achnanthes 
0 284 0 340 2,886 0 0 0 0 

0 1 0 1 5 0 0 0 0 

Achnantidium 
1,147 1,979 6,430 11,695 66,670 54,153 95,861 40,561 26,008 

5 8 26 48 273 222 393 166 107 

Reimeria 
0 247 0 0 0 5,250 6,588 0 0 

0 1 0 0 0 15 19 0 0 



2 
 

Desmidaceae          

Clostarium 
0 0 0 0 6,428 0 0 0 0 

0 0 0 0 100 0 0 0 0 

Cosmarium 
0 0 0 123 12,704 0 0 6,950 11,280 

0 0 0 1 65 0 0 36 58 

 

 


